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ABSTRACT 
In this PhD thesis, several novel (catalytic) approaches for lignocellulose valorization have 
been developed, using either lignocellulose, lignin, or other relevant biomass-derived platform 
chemicals.  
In the first section, the oxidative delignification of lignocellulose – using enzymatically in situ 
formed peracid – was studied on different natural resources in dimethyl carbonate (DMC) as 
solvent. Through that processing the formation of a yellowish lignin oil was observed, 
together with a delignified white polysaccharide fraction, which was highly accessible to 
cellulases to afford fermentable sugars. The characterization of the novel lignin oil revealed 
that during the delignification also a significant dearomatization of lignin took place. Thus, a 
novel dearomatized lignin-based material could be achieved. 
In a subsequent section of this PhD thesis only the lignin fraction of beech wood – obtained 
through the in-house developed OrganoCat pretreatment – instead of lignocellulose was used 
to study this more in-depth. This lignin was fully soluble in DMC, and consequently reactions 
could be conducted in a homogeneous reaction system, significantly accelerating the 
oxidative processing. The dearomatization of lignin in this homogeneous reaction system took 
also place without any catalyst. Herein, the degree of lignin dearomatization depended 
strongly on the oxidant concentration, and to a lesser extent on temperature. Taking advantage 
of this fact, a catalyst-free oxidative lignin dearomatization was developed yielding lignin 
products with different features, ranging from a solid dark brown powder to a yellowish lignin 
oil. Several attempts were conducted to elucidate the mechanism and the reactive species of 
this catalyst-free dearomatization, yet relevant aspects of the mechanism still remain elusive.   
In the last section, the lignin dearomatization was performed using a novel enzyme from 
Mycobacterium smegmatis, which catalyzes (trans)esterification in buffer under conditions 
where other hydrolases can only conduct hydrolysis. One of these reactions is perhydrolysis, 
thus forming the organic peracid in aqueous media, which is needed for dearomatization. 
However, the dearomatization in aqueous systems catalyzed by this enzyme turned out 
unsuccessful. Other synthetic reactions – like transesterification and MsAcT mediated 
oxidation of 5-hydroxymethyl furfural (HMF) and furfural respectively – were performed 
successfully. This opens several options for downstream processing, enantioselective 
(multistep) aqueous syntheses, and peracid-mediated epoxidations and oxidations.  
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1 INTRODUCTION 
1.1 Chemicals and materials in the biobased economy 
The use of biomass for the production of biobased products and materials – presently an 
increasingly important worldwide trend – is actually not new. Over the centuries humans have 
relied on biomass as the major source of energy (i.e. direct burning of wood), food and 
fibers.[1] In the thirteenth century a black rock was discovered in Britain that would burn. The 
use of this new energy source increased steadily, but it took until the end of the eighteenth 
century that the use of the new energy source had such a great impact that it is referred to as 
the “Industrial Revolution”.[2] Until this and other energy sources, like petroleum and natural 
gas were discovered, energy and valuable products like flavors, fragrances and medicinal 
drugs were obtained from biomass.  
Currently, the production of renewable chemicals and materials is estimated to be around 50 
million tons. Examples are non-food starch, cellulose fibers and cellulose derivatives, tall oils, 
fatty acids and fermentation products like ethanol and citric acid.[3] A material is defined to be 
renewable by the Consortium for Research on Renewable Industrial Materials (CORRIM[4]) if 
the material can be restored when the initial stock has been exhausted.[5] Governments have 
recognized that making a transition from a petrochemical to a biobased economy is important, 
and therefore tax breaks, money and mandates are provided. Yet, these biobased chemicals 
suffer from a severe economic competition from products cost-efficiently obtained from crude 
oil. However, other reasons contribute to the increased interest to produce biobased products. 
First, agencies like SusChem in Europe promote the use of renewable resources aiming to 
respond on society’s challenges by providing sustainable solutions for future generations.[6] 
Second, biobased chemicals and materials already have a market potential and third, 
chemicals and materials produced from renewable resources allow the development of other 
new products that cannot be produced from conventional resources. An important additional 
advantage is that the development of biobased chemicals and materials have no legislative 
constraints.[7]  
The cost of biomass-derived pure molecules like sucrose or glucose is also getting 
competitive with the price of chemicals derived from crude oil and, more importantly, the 
price of these so-called platform molecules is (for the moment) fairly stable and even tends to 
decrease steadily, whereas the price of oil keeps increasing.[8]  
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Surprisingly, and maybe counterintuitively, there is a positive impact on biobased chemical 
and material production caused by the recent development of techniques to access 
conventional feedstocks by extraction of oil and gas from so far unreachable reservoirs, the 
so-called shale gas. Since the production of ethylene will change, less propylene, C4 olefins 
and aromatics will be co-produced when using shale gas derived feed instead of naphtha. This 
will lead to a scarcity, and thus price increase of these building blocks that are important for 
the chemical industry. Already some products, like car tires have become considerably more 
expensive because of the shale gas revolution. Shortages of these chemicals can be prevented 
by using biobased alternatives. Green alternate routes are being developed to produce 
butadiene and isoprene. Next to olefins also aromatic compounds like benzene, toluene and 
xylenes (BTX) are greatly impacted by the shift in cracker feedstock. The challenge to come 
up with renewable alternatives is well illustrated by one of the biggest challenges in plastic 
industry: replacing the terephthalic acid used in polyethylene terephthalate (PET) bottles with 
a renewable alternative. One attractive technology replaces the p-xylene – a precursor for the 
terephthalic acid – by a drop-in alternative: via fermentation of sugars into isobutanol, 
conversion to isobutylene, dimerization to isooctane and finally dehydroaromatization to 
aromatics of which more than 90 % is p-xylene.[9]  
At present, only ~ 5 % of commercially developed chemicals is biobased.[10] These biobased 
alternatives can be divided into two categories. First, the biobased chemicals that are analogue 
to petrochemical chemicals, the so-called drop-ins. They can be used in existing 
infrastructure, e.g. in recycling and waste separation processes. They also have the same 
properties and processing characteristics as the existing analogues. The second group are 
materials and building blocks from renewables that have unique characteristics and are 
difficult to produce from petrochemicals; new materials and markets are developed. 
Currently, many processes are being developed to replace existing plastics with biobased 
analogues, like vinyl polymers, polyesters, polyamides, polyurethanes, and synthetic rubbers 
and to make new products using the unique characteristics that biobased materials provide, in 
for example polylactic acid.[11]  
Another important group of chemicals are the so-called platform chemicals. Fossil-derived 
platform chemicals are used as starting materials to produce chemical intermediates, 
important for production of a variety of materials like fuels, solvents, polymers, 
pharmaceuticals, perfumes and foods. Also in this sector, an increasing interest focusses on 
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the development of sustainable technologies to produce platform chemicals from renewable 
resources.[12] A large range of chemical intermediates can be made from lignocellulosic 
sugars, as depicted in Figure 1.  
Alcohols and Olefins 
Fermentation of the hexoses and pentoses that form the building blocks of cellulose and 
hemicellulose lead to production of lower alcohols like ethanol, propanol and butanol. After 
dehydration olefins are obtained that serve as drop-in hydrocarbons. Another fermentation 
route is the production of platform chemicals from C5 or C6 sugars directly by 
biotechnological means. Via this route, making use of metabolic engineering, not only lower 
alcohols, but also diols and mono- and dicarboxylic acids can be obtained. One additional 
advantage is that the separation of water miscible lower alcohols from the fermentation 
medium can be avoided. The products obtained via this route have many industrial 
applications in polymers and specialty chemicals. The above-mentioned lactic acid for 
example found several applications, the most important being its use to produce bioplastic.[13]  
BTX, HMF and furfural 
The production of gasoline, diesel and kerosene range alkanes or BTX is carried out via 
multiple reaction steps, in which first glucose, sorbitol and/or glycerol are obtained from 
lignocellulosic sugars. Via aqueous phase reforming using a solid acid and a dehydrogenation 
catalyst like palladium (Pd) or platinum (Pt), a mixture of hydrogen and light alkanes is 
obtained. The last step is hydrotreatment or dehydrocyclization over a ZSM-5 zeolite catalyst.  
Furthermore, acid-catalyzed hydrolysis of cellulose and hemicellulose produces furfural and 
5-hydroxymethyl furfural (HMF). Both compounds inhibit fermentation of the monomeric 
sugars, but if conveniently downstreamed, both have the potential of becoming platform 
chemicals as well. Furfural is already being produced industrially and found its use in many 
applications, like liquid hydrocarbons and gasoline additives. It can be obtained from 
lignocellulosic feedstocks in processes aimed to produce furfural exclusively or in biofuel 
production as coproduct.[14] Also HMF has an enormous potential as raw material for the 
production of chemicals, polymers and biofuels, but it is not being produced commercially 
yet. Its production from hexoses is challenging, since HMF is highly reactive under the acidic 
conditions that are needed. HMF can be converted to levulinic acid, γ-valerolactone and 
furan-2,5-dicarboxylic acid, all three being interesting as precursors for hydrocarbon fuels and 
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commodity chemicals.[13] Thanks to the efforts done for producing biobased chemicals, 
biotechnological production of some platform chemicals like succinic acid, 1,4-butanediol, 
isobutanol and isoprene are currently in line for industrial scale production.[12]  
 
Figure 1 Chemical intermediates obtained via different reaction mechanisms from lignocellulosic C5 and/or C6 
sugars. 
1.2 Biofuels 
The production of biofuels is driven by first the aim to reduce greenhouse gas (GHG) 
emissions and second the expected decrease of oil production. For the growing interest in 
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biobased chemicals and materials as discussed in the former section, these arguments might 
be not so relevant. Only 5 % of the total oil production is used for chemicals, which 
consequently also involved only a minor part of the GHG emissions into the atmosphere.[15] 
On the contrary, enormous amounts of GHG emissions are generated by energy and fuel 
consumption. Biofuels can reduce the dependency on fossil fuels and limit the amount of 
GHG emitted to the atmosphere. Biomass is renewable over timeframes ranging from one 
month to 80 years, whereas fossil fuels need 280 million years for replenishment.[16] To 
stimulate the use of biomass for biofuel production, a number of EU countries give full tax 
exemption for biotransportation fuels. Also, a carbon credit is provided for farmers who grow 
energy crops. Likewise, in the United States, ethanol production is subsidized.[17]  
Next to the interest in biomass, with growing shortages of fossil resources also the 
development of other techniques to access conventional resources that are more difficult or 
expensive to reach becomes more interesting. A quite recent development is the use of shale 
gas and tight oil – the extraction of oil and gas from hitherto unreachable reservoirs – which is 
expected to cause a revolution. Oil and gas originate from large amounts of organic matter 
that is retained in quiet water, like tidal flats. Sheet-like laminated layers of organic matter 
and clay are built and these sediments were buried in the deep Earth over millions of years. 
The organic matter is turned into fossil fuels and the mud to shale rocks over this time. In this 
way, a rock is formed with limited permeability horizontally and extremely limited vertical 
permeability. This means that gas trapped in shale cannot easily move within the rock.[18] Two 
new developments make extraction of fossil fuels from the rocks possible: “high volume, 
slick-water hydraulic fracturing”, known as fracking that makes use of high-pressure water 
with chemical additives to increase fissures in the rock; and precision drilling of wells that can 
follow the contour of the shale layer closely for 3 kilometers or more at depths of more than 2 
kilometers. The estimated recoverable gas from the US is about 42 trillion cubic meters, 
almost equal to the total conventional gas discovered in the last 150 years making this an 
economic option for mining of conventional fuels. Shale gas extraction has many 
disadvantages like the use of toxic additives, the release of methane in the environment, the 
need for massive amounts of water per well, and contamination of drinking water with 
methane and fracking return water.[18b] On the other hand, there are positive sides as well; the 
expectation is that the dependency of a small number of oil-producing countries decreases and 
imports from these countries can even be eliminated. Although it is questionable whether this 
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will become completely true, developments in this area will surely impact the development of 
biofuels and bioproducts and materials as well.[19] 
The above-discussed new technologies (e.g. fracking) may postpone the depletion of fossil 
fuels, but still there is an ongoing concern regarding climate change and the role of fossil fuels 
in this issue, via the release of GHG during exploitation, transport and use. This interest has 
been intensified by the Kyoto protocol enforcements and implementation of targets for 
biofuels by several countries. Also, for fossil fuel importing countries, it is a concern to be 
dependent on fossil fuel exporting regions. Although shale gas makes countries more 
independent, both the volume of shale gas reserves and the economics of their exploration are 
still debated.[9, 19] Related to this, the increase in oil price in the last decade stimulated the 
interest in biofuels further. Moreover, biofuels can use existing infrastructure, unlike some 
other renewable alternatives like hydrogen. Finally, the ongoing crisis that also affects rural 
areas has led to overproduction of agricultural commodities, low prices and land that 
continually has been taken out of production. This has encouraged countries like the USA to 
subsidize farmers to get involved in biofuel production.[20]  
1.2.1 Classification of biofuels 
Biofuels are classified into different categories, as can be seen in Table 1. Primary biofuels 
are used in an unprocessed form, whereas secondary biofuels are produced by processing 
biomass; they can be solid, liquid or gaseous. Further classification of liquid biofuels can be 
done into first, second and third generation biofuels.[21] First generation liquid biofuels, 
obtained from sugars, grains or seeds, are already produced in several countries, the best 
known ones being biodiesel and bio-ethanol. Production of first generation liquid biofuels is 
questionable, because of competition with food production. Second generation liquid biofuels 
are produced from agricultural lignocellulosic biomass: either non-edible residues of food 
crop production or non-edible whole plant biomass. The use of cellulosic material for biofuel 
production is interesting because of relatively low costs, great abundance, and sustainable 
supply, which are the reasons that the use of lignocellulosic biomass for biofuel production 
has become a major focus in research. Unfortunately, second generation biofuels are not 
produced competitively yet.[22] Third generation liquid biofuels are derived from microscopic 
organisms, especially microbes and microalgae. Algae are present in almost all ecosystems on 
earth, representing a large variety of species and living in a wide range of environmental 
conditions. Under natural growth conditions, microalgae can produce lipids, proteins and 
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carbohydrates in large amounts over short periods of time, depending on the amount of 
sunlight that is available. Third generation liquid fuels are still being developed at present.[21] 
Table 1 Categorization of biofuels into primary and secondary biofuels, which in turn are further categorized 
into first, second and third generation biofuels.[21] 
Categorized into Raw materials  Remarks 
Primary biofuels ---------------------------------- Used in unprocessed form 
Mainly burning of 
biomass for heat 
First generation biofuels Sugars/grains/seeds 
Competition with food 
production 
Secondary biofuels Second generation biofuels Lignocellulosic biomass 
Not competitively 
produced yet 
Third generation biofuels 
Microscopic organisms  
(e.g. algae) Under development 
 
The question is why a process producing bio-ethanol from lignocellulosic biomass is so 
challenging. The process in which first generation bio-ethanol is obtained from sugar cane or 
starch-containing materials includes a liquefaction step solubilizing the starch and a 
hydrolysis step to produce glucose. Then, the obtained glucose is fermented. In comparison, a 
process that makes ethanol from lignocellulosic biomass has to assess following features: 
1. Depolymerization of cellulose and hemicellulose to soluble sugars. 
2. Fermentation of a mixed sugar hydrolysate containing both six-carbon and five-carbon 
sugars; as well as fermentation inhibitory compounds like furfural and HMF. 
3. Advanced process integration to minimize energy demand.  
4. Cost-efficient use of lignin.[23]  
A major challenge is formed by the first step, the release of fermentable sugars via enzymatic 
hydrolysis, since biomass has the ability to resist biological deconstruction. This phenomenon 
is known as biomass recalcitrance, and refers to the characteristics of lignocellulose to protect 
its carbohydrates from degradation by microorganisms or enzymes. Since the biomass 
recalcitrance plays a major role in parts of this PhD thesis, dealing with separation of lignin 
from the sugar fractions of the lignocellulosic biomass, it is important to understand biomass 
recalcitrance and how plant cell walls are constructed.[23]  
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1.2.2 Composition of lignocellulosic materials 
The energy needed for terrestrial life is captured by photosynthesis in carbon-based 
molecules. Solar energy is stored in plant cell wall polymers, with the major biopolymers 
being cellulose, hemicellulose and lignin. Plant cell walls serve as a physical barrier to 
pathogens. For pathogens, the cell walls and especially the polysaccharides in it, are a nutrient 
source and a barrier that prevents access to cellular contents. Therefore, pathogens produce 
cell wall degrading proteins that remodel, rearrange and disassemble plant cell walls and the 
plant cell wall has, in turn, evolved to avoid pathogen penetration. This may be a successful 
evolutionary step, but the unique structure of the plant cell wall and its chemical and physical 
properties make the release of cell wall polysaccharides difficult.[24]  
Cellulose 
Cellulose is the main polymer of cell walls providing structural support. The repeating unit of 
the cellulose polymer is β-D-glucopyranose linked by (1  4) glycosidic bonds. The degree 
of polymerization in nature ranges from 10,000 in wood to 15,000 in native cotton. 20 to 300 
cellulose polymer chains are grouped together to form microfibrils that in turn then form 
cellulose fibers. Six cellulosic polymorphs (I, II, IIII, IIIII, IVI and IVII) exist which can be 
interconverted. Of these polymorphs, cellulose I is found in nature and the others are cellulose 
polymorphs obtained after some form of alteration. Typically, lignocellulose consists of 40 to 
50 % of cellulose.[24b, 25]  
Hemicellulose 
Hemicellulose is the second most abundant biopolymer and is not homogeneous. It makes up 
20 to 40 % of lignocellulose and consists of pentoses like xylose and arabinose, hexoses like 
mannose, glucose and galactose; and acetylated sugars. Compared to cellulose, the molecular 
weight of hemicellulose is lower and it differs in composition between several biomass 
sources. For example, straws and grasses mainly consist of xylan, whereas softwoods mainly 
consist of glucomannan. From the three major components of lignocellulosic biomass, 
hemicellulose is the most thermo-chemically sensitive. However, during processing 
degradation products like furfurals and HMF that inhibit the fermentation process can be 
obtained.[22, 24a, 26]  
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Lignin 
Lignin is the third most abundant biopolymer in nature; 20 to 30 % of lignocellulose consists 
of lignin. It provides rigidity to the plant, is impermeable and therefore provides resistance to 
microbial attack and oxidative stress. Lignin is a complex, cross-linked and highly 
heterogeneous aromatic three-dimensional macromolecule consisting out of propyl-phenol 
units. The exact structure of protolignin, the untreated lignin that can be found in plants, still 
remains unknown, since its structure is altered as soon as it is extracted from wood. 
Nevertheless, polymerization of lignin is thought to involve three primary units: p-coumaryl, 
coniferyl alcohol and synapyl alcohol. Composition, molecular weight and amount of lignin 
differ from plant to plant. The relative abundance of the p-coumaryl, coniferyl alcohol and 
synapyl alcohol vary in softwood and hardwood lignins. In softwood, lignin contains around 
90 % of coniferyl alcohol units, whereas in hardwood lignin roughly equal proportions of 
coniferyl alcohol and synapyl alcohol appear. The lignin abundance generally decreases in the 
order of softwood > hardwood > grass. The linkages between the monomeric units include ß-
O-4, 5 – 5, ß-5, 4-O-5, ß-1, dibenzodioxocin, and ß-ß linkages. The ß-O-4 linkage is the most 
present one, making up more than half of the linkages in lignin.[27] 
The lignin polymer is imbedded in and bound to hemicellulose and is also closely associated 
with cellulose microfibrils. Therefore, it is identified as the major component being 
responsible for biomass recalcitrance. It was shown that increasing lignin removal enhances 
the biomass digestibility.[28]  
Many factors have been found to contribute to biomass recalcitrance, divided into those 
related to lignocellulose features like chemical composition and physical structure and those 
related to mechanisms and interactions of cellulolytic enzymes. One important effect limiting 
the rate and extent of enzymatic hydrolysis of biomass is the presence of lignin. This is 
because lignin acts as a physical barrier to restrict the access of cellulases to cellulose. This 
means that the more lignin is present, the harder the pretreatment of biomass will be: woody 
biomass is always harder to pretreat than grass biomass. Although it is not completely clear 
yet how lignin protects the polysaccharides from enzymatic degradation, it has been found 
that the degree and type of cross-linkage of lignin to polysaccharides, the diversity of 
structures found in lignin composition and the distribution of phenolic polymers through the 
cell wall are important factors. Lignin can also irreversibly adsorb cellulase enzymes, which 
prevents their action on cellulose. Next to lignin, hemicellulose plays its role as a barrier to 
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limit the accessibility of cellulases as well, although compared to lignin, hemicellulose seems 
to be less important. This is especially the case for mild pretreatment conditions, because 
hemicellulose is much easier to remove than lignin.[22a, 24, 26a] 
Structural properties like the degree of acetylation of the hemicellulose and cellulose plays an 
important role for the biomass recalcitrance. A clear correlation exists; the more acetyl groups 
present, the poorer the enzymatic digestibility will be. The presence of cell wall proteins is 
also important, but no obvious correlation is found. The presence of some proteins, including 
cellulase, hemicellulase, acetylxylan esterase and ferulic acid esterase have positive effects on 
the enzymatic hydrolysis and the presence of other proteins, such as expansin have negative 
influences. However, during biomass storage and pretreatment, the proteins will get denatured 
and degraded, which makes the effects negligible.[24]  
1.3 Pretreatment strategies 
The production process of liquid biofuels and many biobased materials from lignocellulosic 
biomass requires a pretreatment step removing the recalcitrant barriers in order to increase the 
enzymatic digestibility of cellulose, while enabling the full valorization of the raw 
materials.[24] Effective pretreatment of lignocellulosic biomass should meet few requirements. 
The pretreatment process should have low capital and operational costs, being applicable to a 
wide range of different kinds and loadings of biomass and it should recover the several 
fractions separately in a usable form. Preparations prior to pretreatment such as size reduction 
should be minimized. Formation of sugar and lignin degradation products that inhibit the 
growth of fermentative microorganisms or the action of hydrolytic enzymes should be 
avoided. Furthermore, pretreatments should have a low energy demand.[22a] Existing 
pretreatment methods are classified into physical, chemical and biological pretreatment 
methods and combinations of them.  
1.3.1 Physical pretreatments 
Milling, grinding, chipping and shredding are different size reduction methods that are used to 
enhance the enzymatic digestibility of biomass. All of these methods increase the available 
specific surface area and reduce the degree of polymerization and cellulose crystallinity. The 
aim of chipping is to reduce heat and mass transfer limitations; grinding and milling are better 
at reducing the particle size and cellulose crystallinity. In milling, both kind and duration of 
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milling as well as the type of biomass determine the increase in specific surface area, final 
degree of polymerization and the reduction in cellulose crystallinity.[22a]  
1.3.2 Biological pretreatments 
Biological pretreatments are mostly done by means of fungi that produce enzymes degrading 
hemicellulose, lignin and polyphenols. Examples are white- and soft-rot fungi, with white rot 
fungi being most effective for the pretreatment of biomass. Both white- and soft-rot fungi 
attack lignin and cellulose by producing enzymes like lignin peroxidases, polyphenol 
oxidases, manganese-dependent oxidases, and lignin degrading oxidases. Depolymerization of 
lignin by these fungi takes several weeks, but is very selective. The rate of depolymerization 
and requirement of careful growth conditions make biological pretreatment less attractive for 
industrial purposes[22a]  
1.3.3 Chemical pretreatments 
Chemicals such as acids, alkali, organic solvents and ionic liquids have significant effect on 
the structure of lignocellulosic biomass. Alkaline pretreatment causes swelling of the biomass, 
which increases the internal surface area, and decreases both the degree of polymerization and 
cellulose crystallinity. The pretreatment disrupts the native structure of lignin and breaks 
linkages between lignin and the carbohydrate fractions. This makes the carbohydrates more 
accessible to enzymes. Acetyl and other substitutions, like uronic acids, on hemicellulose are 
also removed by alkaline pretreatments. Solutions of dilute acid also have been used to 
pretreat biomass.  
Organosolv pretreatment 
Using organic solvents for delignification purposes has been proposed as early as 1931 by 
Kleinert and Tayenthal.[29] Since the 1970’s organosolv pulping has attracted a lot of 
attention, since the conventional pulping processes – the Kraft and sulfite process –, have 
some disadvantages in terms of air and water pollution. The difference of organosolv pulping 
with organosolv pretreatment is that the degree of delignification for pretreatment does not 
need to be as high as for pulping. Organosolv pretreatment has some important advantages, 
which are the easy recovery of organic solvents for recycling and the fact that lignin is 
obtained as a solid material and carbohydrates as a syrup, in this way being able to make 
optimal use of the raw material. Solvent recovery, however, leads to an increase of energy 
consumption in the process, which is the main reason why organosolv pretreatment appears 
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too expensive for biomass pretreatment. Moreover, the pretreatment has to be performed 
under extremely tight and efficient control because of the volatility of organic solvents. No 
digester leaks are allowed to occur because of inherent fire and explosion hazard.[30]  
Organosolv pretreatment can be performed in different organic or aqueous-organic solvents 
either with or without adding an acidic catalyst like hydrogen chloride (HCl) or sulfuric acid 
(H2SO4) in a temperature range of 100 to 250 °C. The solvent of choice can be low boiling 
point solvents like methanol and ethanol, high boiling point alcohols like ethylene glycol, 
glycerol or tetrahydrofurfuryl alcohol or other classes of organic compounds such as ethers, 
ketones, phenols, organic acids or dimethyl sulfoxide.[22a, 30] Organosolv pretreatments using 
alcohols result in extensive lignin removal and in almost complete hemicellulose dissolution. 
This is achieved by hydrolysis of internal lignin bonds, ether bonds and 4-O-methylglucuronic 
acid ester bonds between lignin and hemicellulose; hydrolysis of glycosidic bonds in 
hemicellulose and partially in cellulose, depending on the process conditions; and acid-
catalyzed degradation of the monosaccharides to furfural and HMF. The overall result is an 
increase in accessible surface area and pore volume.[22a, 30]  
When using high temperatures of above 185 °C, no acidic catalyst has to be used, since under 
these conditions, water from the biomass will generate H+ and OH- which can act as catalyst 
to separate the lignin-carbohydrate complex. When acid catalysts are added, the 
delignification rate is increased and higher yields of xylose are obtained. Important for 
organosolv pretreatment is that solvents have to be drained and recovered via evaporation and 
condensation and must be recycled to reduce costs. The removal of solvents is of great 
importance because they may inhibit the growth of microorganisms, subsequent enzymatic 
hydrolysis, and fermentation of anaerobic digestion.[22a, 30] 
OrganoCat pretreatment 
Also organic acids can be used for solubilization of hemicellulose and for lignin extraction, 
with the advantage that it can be performed at lower temperatures.[22a] Recently, a 
fractionation method was developed at RTWH Aachen University (ITMC), enabling selective 
depolymerization of hemicellulose. The process provides a method to separate the three main 
components of lignocellulosic biomass in an effective way. To this end, lignocellulosic 
biomass is subjected to an organic acid catalyzed hydrolysis under mild conditions (below 
140 °C) in a biphasic system, containing an aqueous phase and an immiscible organic phase 
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formed by biomass-derived 2-methyl tetrahydrofuran (MTHF). Selective hydrolysis of 
amorphous hemicellulose is obtained yielding soluble sugars, and mainly xylose, in the 
aqueous phase. The cellulose stays solid and can be filtered off after processing and 
subsequently be subjected to enzymatic depolymerization. The lignin is extracted into the 
organic phase. Since MTHF has a low boiling point (80 °C), separation and recycling into the 
system is feasible. One major advantage is that the major components of lignocellulosic 
biomass are recovered as separate product streams and can be used for further valorization.[31] 
Peracetic acid pretreatment 
Alternatives to bleaching processes used in the pulp and paper industry have been suggested. 
Oxygen, ozone and peroxides are promising alternatives. Unfortunately, also these chemicals 
have drawbacks. Oxygen delignification is limited to a delignification effectiveness of 50 %, 
because after this degree of delignification, a severe loss of pulp strength occurs. Hydrogen 
peroxide (H2O2) is not an effective delignifying agent and ozone, although an effective 
delignifying agent, promotes aggressive radical reactions. In this way undesirable 
carbohydrate degradation occurs.[32] It was already shown in the 1980s that pretreatment of 
biomass with peracetic acid (PAA) effectively increases the enzyme digestibility of 
biomass.[33] PAA can be used at ambient temperatures and the main advantages are that no 
expensive reactors, energy input or fractionation procedures are required. Moreover, there is 
no loss of carbohydrates and furfural is not produced during the process. PAA is a powerful 
oxidizing agent and acts very selective towards lignin. It cleaves aromatic structures in lignin 
generating dicarboxylic acid and their lactones. The PAA that is used during the process can 
be obtained from reaction of peroxides and acetic acid. H2O2 costs are low and its use is 
environmentally safe.[33] 
The majority of pretreatments however are physicochemical pretreatments, for example steam 
explosion, liquid hot water pretreatment, wet oxidation pretreatment, ammonia fiber/freeze 
explosion, ammonia recycle percolation and aqueous ammonium pretreatment.[22a]   
1.4 Biorefineries 
Biomass pretreatment is an important, challenging step in the process from biomass to 
biofuel. However, to produce biofuel in an efficient way, also other things are important to 
consider. The longest running biorefinery using second generation biomass as feedstock is in 
use since 1889.[34] The largest challenge in the whole process appeared to be profitability and 
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sustainability rather than the actual conversion of the feedstock to biofuel. The best solution 
appeared to be maximization of biomass feedstock conversion to specialty chemicals. As a 
consequence, energy products are converted in side streams forming a relatively small stream 
in the biorefinery system.[34]  
Another issue to consider is the use of water in biorefineries. All biomass contains water and 
the logical consequence of this fact is that in one way or another, water plays a role in future 
biorefineries. The biomass either has to be dried before processing or the first processing steps 
have to be performed in water.[35] 
Water is renewable, but living organisms are dependent on it to survive. At present, 71 % of 
fresh water withdrawals are used for agriculture. With expected growth of the human 
population the food and water demand will increase even further.[36] Water is scarce in several 
regions in the world. This is a rapidly growing problem, which is shown by the percentage of 
the world population experiencing water scarcity. The 5 % were exceeded for the first time in 
1800. By 2005, half of the world population was under water shortage (Figure 2).[37]  
 
Figure 2 Percentage of the total world population under water scarcity. Numbers are shown for all people 
having access to 1000 – 1700 m³ water per capita per year and less.[37] 
These water shortages have led to a competition of water use for either agricultural or 
industrial purposes.[36b] Water and energy are tightly connected to each other. Without energy 
input, the transportation of water from water-rich to water-poor regions, desalination of 
seawater and pumping from groundwater aquifers would not be possible. On the other hand, 
water is needed in mining of energy resources and in energy-generation facilities. It is used 
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for power-plant cooling and for disposal of waste products. Strong parallels are therefore 
suggested between the growing water crisis and energy conflicts.[38] It is likely that during 
future periods of extreme water shortage energy production will be constrained. In fact, this 
has already happened in the past, in for example California and Egypt where strong reductions 
in hydroelectricity were the result of periods of severe drought. These examples show that the 
use and management of water is an important aspect to be considered in future biorefineries, 
wherein large amounts of water are expected to be used and subsequently wasted.[38]  
To grow biomass water is required, which means that biofuel production will demand more 
water than conventional fuel production. One measure to define the amount in production is 
the water footprint (WF). WF is defined as the total annual volume of fresh water used to 
produce the goods and services related to consumption.[36b, 39] WF of biomass differs 
depending on the type of biomass, the climatic conditions and the agricultural system applied 
(Figure 3).  
 
Figure 3 WF of biomass. Large differences occur between several types of biomass and the place where it is 
grown. Even if biomass is grown under advantageous conditions, the WF is higher than for crude oil.[36b] 
It was shown that the WF per energy unit of different crops in different countries varies 
between 9 m³ / GJ for maize and wheat grown in the Netherlands and 356 m³ / GJ for cotton 
grown in Zimbabwe. Although large differences occur, for all biomass used for bioenergy 
production much more water is needed than for fossil energy carriers. The WF of crude oil for 
example is 1.1 m³ / GJ.[36b, 38]   
The above-described data are for first generation biofuels, and – as can be expected – things 
are different for second generation biofuels. The water consumption of first and secondary 
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generation biofuels was compared to the water consumption of traditional gasoline 
production. Feedstock production and the fuel production step were included as well. Water 
consumption in this case was defined as the difference between freshwater input during the 
total production and the used water that is either recycled or returned to water bodies. It was 
shown that the water consumption of a process for lignocellulosic ethanol is expected be 
higher (4 – 8 liter water per liter biofuel) than for first generation ethanol (2 – 4 liter water per 
liter biofuel). Although roughly twice as much water is used in production, one should keep in 
mind that first generation biomass has a high WF during feedstock production, in contrast to 
second generation biomass.[40] Consequently, the overall water consumption will be lower for 
second generation biofuels, but nevertheless the minimization of the amount of water stays an 
important factor to be considered. Purified municipal water or, in coastal regions, seawater 
could be used in the future. Nevertheless, this would mean that new catalysts have to be 
developed that are efficient, also in the presence of many impurities. Moreover, the catalysts 
and chemicals used should have low toxicity and high biodegradability to be able to purify 
and recycle the used water. Also in this PhD thesis, the use of water will be an important 
issue, and two different approaches of this topic are illustrated. In the first one, the use of 
water is avoided, working in non-aqueous organic media. The second approach focusses on 
the treatment and cleaning of wastewater, and thereby opening more possibilities for recycling 
of used process water.[35]  
At present, several commercial scale cellulosic biofuel facilities are expected to start 
operating in the near future in the USA. In these different biorefineries six different processes 
are used to produce biofuel from cellulosic biomass.[41]  
1. Catalytic pyrolysis and hydrotreating 
In this process the biomass undergoes a pyrolyzing step in the presence of a zeolite catalyst. 
Hydroprocessing is applied to the obtained bio-oil that reacts with hydrogen to induce 
hydrodeoxygenation and depolymerization reactions. Hydrocarbons with different boiling 
points are obtained and blended into hydrocarbon-based biofuels, like gasoline and diesel 
fuel.[41]  
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2. Gasification and Fischer-Tropsch synthesis  
Via gasification syngas is yielded, which has to be cleaned. Inorganic compounds like sulfur 
and nitrogen would poison the catalyst in the subsequent Fischer-Tropsch synthesis. The last 
step to obtain the hydrocarbon-based biofuel is hydroprocessing. 
3. Gasification and methanol-to-gasoline synthesis 
An alternative for the Fischer-Tropsch synthesis is a process that obtains hydrocarbon-based 
biofuels via gasification and methanol-to-gasoline synthesis. The first steps are similar to the 
former described process, namely gasification of the biomass and syngas cleaning. Then, 
methanol synthesis instead of Fischer-Tropsch synthesis is performed. The obtained methanol 
is dehydrated over a catalyst to yield dimethyl ether. Finally, leading the dimethyl ether over a 
zeolite catalyst yields olefins and a blend of aromatics and paraffins. [41] 
4. Hydrolysis, fermentation and chemical synthesis 
In a completely different process the biomass is pretreated before diluted acid pretreatment 
can be applied. The C5 and C6 sugars obtained are fermented to acetic acid which is esterified 
to ethyl acetate (EtOAc). In a final hydrogenation step the EtOAc is converted to ethanol by 
chemical means.  
5. Enzymatic hydrolysis 
Another enzymatic way of producing biofuels is the production of cellulosic ethanol via 
enzymatic hydrolysis. The difference with the last process is that upon feedstock 
pretreatment, instead of an acid, cellulases depolymerize the cellulose to glucose. Hydrolysis 
and fermentation can be either done separately or together in the same reactor, known as 
simultaneous saccharification and fermentation. After fermentation, distillation concentrates 
the resulting alcohol to fuel-grade ethanol. [41] 
6. Consolidated bioprocessing (CBP) 
The last process is the production of cellulosic ethanol via consolidated bioprocessing (CBP). 
This process combines enzyme production, enzymatic hydrolysis and fermentation into a 
single step for the production of cellulosic ethanol. The microorganisms applied to make CBP 
possible are genetically engineered. The other steps of the process are the same as for the 
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enzymatic hydrolysis, so the feedstock must undergo size reduction and pretreatment to make 
cellulose accessible and distillation occurs after CBP to obtain the ethanol product.[41]   
As already described in the section above, among other chemical processes, also the use of 
biocatalytic approaches are promising for the efficient production of biofuels in the future 
biorefinery. Also in this PhD thesis, biocatalytic approaches were used for pretreatment of 
lignocellulosic biomass and the consequent valorization of biomass-derived products. 
Therefore, in the next section an introduction to the field of biocatalysis will be given.  
1.5 Biocatalysis 
1.5.1 Historical development 
Biocatalysis can be defined as the field in which chemical conversions are catalyzed by using 
enzymes as biological catalysts. Enzymes are catalysts evolved in nature to speed up and 
coordinate the chemical reactions necessary to develop and maintain life. For a practical 
perspective on biocatalysis, the enzymes can be either applied in isolated form (“free 
enzymes”), or they can be used within non-growing cells (“whole-cells”), or as living cell 
microorganisms (“fermentation”).[42]  
The field of biocatalysis started to evolve with the use of fermentation for conservation or 
production of food, like cheese making or brewing. In fact, fermentation of fruit is a natural 
process. The first fermentations applied by men were the production of beer in Babylonia, soy 
sauce in Japan, and fermented milk beverages in the Balkans and Central Asia. Also products 
like bread and wine were obtained and in all these cases microorganisms were used, but until 
the nineteenth century without understanding the process. In the early nineteenth century, 
Kirchhoff observed degradation and sugar production of malted barley. He found that small 
amounts of the active substance called diastase could liquefy large amounts of starch. Later, 
diastase was used more often, mainly in bakeries and in beer and wine production.[42-43] 
Later in the nineteenth century, the famous chemist Louis Pasteur began to study 
fermentation. His discoveries regarding for example stereochemistry, fermentation, 
spontaneous regeneration and infectious diseases brought a lot of understanding in the 
developing field of biocatalysis.[44] Nevertheless, it was not until 1867 that the term “enzyme” 
was used to describe catalytic activity not bound to living cells. Afterwards, with the work of 
Eduard Buchner, enzymatic reactions appeared to be a chemical process which does not 
necessarily needs the presence and action of living cells.[42-43] At the beginning of the 
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twentieth century, the mechanism of action of enzymes was studied and also the ideas of 
Pasteur were used in further studies. It was found that enantiomers react in different rates in 
enzyme-catalyzed reactions and that the enzyme is the “optically active substance”. It was 
also recognized that this gives the opportunity to prepare pure enantiomers from optically 
inactive precursors. With this, a first example of kinetic resolution – the reaction of two 
enantiomers with different reaction rates – was given.[45] Nevertheless, although more 
research in the field of biocatalysis was going on, industrial applications of enzymes were still 
only found in chill-proofing in beer industry and dough making in bakeries. After the 
development of detergent proteases in the late twentieth century, the application of enzymes 
increased. This development was stimulated further by the development of genetic 
engineering and recombinant technology in the 1980s. Also the recognition that enzymes can 
be used in organic media has increased their potential for organic synthesis.[43, 46] 
In the meantime, biocatalysis has emerged as an important tool in industrial synthesis of bulk 
chemicals, pharmaceutical and agrochemical intermediates, active pharmaceuticals and food 
ingredients. Examples of large scale applications in biocatalysis are the thermolysin-catalyzed 
synthesis of the low calorie sweetener aspartame and the production of semi-synthetic β-
lactam antibiotics with the use of acylases. Although extensive research is being done, still the 
number and diversity of biocatalytic applications in industry remain rather modest. However, 
thanks to developing techniques, many possibilities arise that were not possible before.[46-47] 
Availability of the biocatalyst 
Traditionally enzymes were obtained by screening a large variety of microorganisms, ranging 
from archaea to fungal systems and often they were isolated from extreme environments. 
Later, recombinant systems were developed in which the genes encoding for the enzyme of 
choice could be overexpressed in a limited set of host microorganisms. The enzyme 
availability increased by the improvement in techniques used in modern molecular biology 
like directed evolution: the technique of preparing protein variants by recombining gene 
fragments in vitro, expressing the protein and then selecting or screening for those with 
improved properties. These improved technologies, and progress in the field of bioinformatics 
and genomics has led to a substantial increase in enzyme availability. [46, 48] 
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Scope of the reaction 
Enzymatic catalyzed reactions are by no means limited to their natural substrate. Many 
enzymes have been found to serve additional functions that are generally not enzymatic, but 
rather structural or regulatory.[49] Furthermore, it has been shown that many enzymes can 
catalyze more than one reaction. This phenomenon, called catalytic promiscuity, is defined as 
the ability of enzyme active sites to catalyze distinctly different chemical transformations. [49-
50]
 Also here, the development of directed evolution has contributed to biocatalysts with 
broader substrate ranges, but also to enzymes with a single specific transformation.[46] 
Stability of the enzyme 
Enzymes are often believed to be relatively unstable to high temperatures or pH values. 
However, the stability of enzymes should be considered during process conditions, because 
this is the environment in which the enzymes will be used for practical purposes. Many 
examples of enzymes exist that are stable for weeks or even months during process 
conditions. The stability in process conditions can be improved by stabilization of enzymes 
via several techniques like immobilization on a solid support, which makes them more 
tolerant against high temperatures and organic solvents. Also protein engineering can help to 
stabilize enzymes.[47, 51]  
Accessibility of either enantiomer 
Many enzymes have a preference for one over the other enantiomer and the reaction rates of 
the conversion of both will be different. Also in this case, the value of techniques like high 
throughput screening and directed evolution is evident. By directed evolution, a known 
enzyme that has non-optimal characteristics can be converted into an enzyme fit for industrial 
application. Effective use of high throughput screening makes it possible not only to access 
enzymes that convert the preferred enantiomer, but also to evolve other enzymes that can 
convert the other enantiomer.[46]  
1.5.2 Hydrolases 
Enzymes are a valuable tool for biocatalytic conversions and synthesis of new compounds. 
Hydrolases are enzymes that catalyze the hydrolytic cleavage of bonds. It are very robust 
enzymes that catalyze reactions without the need of a cofactor. They are commercially 
available and have a broad substrate specificity. Many enzymes often used in industry belong 
to this class, and many hydrolases are examples of promiscuous biocatalysts that show good 
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results in reactions like for example C – C bond formation, C – heteroatom bond formation 
and oxidative reactions. Proteases, amylases, acylases, lipases and esterases all are classified 
as hydrolases. For this PhD thesis, the focus will be on hydrolases, since they are able to form 
the oxidizing agent in non-aqueous conditions that will be needed for pretreatment of 
lignocellulosic biomass. Moreover, since biomass is impure and considering its recalcitrance, 
the robustness of this type of enzymes might be an extra advantage when applying them to 
this kind of chemistry.[52]   
Lipases 
Lipids are key elements in the chemistry of life. Membranes are formed by supramolecular 
chemistry characteristic for phospholipids. Both plants and animals store chemical energy in 
the form of triglycerides. For the turnover of these compounds as well as others, esterases are 
biologically produced. They are able to hydrolyze bonds of water soluble esters. Esterases 
which hydrolyze triglycerides at the boundary of water and oil are called lipases; they have 
several functions in the degradation of food and fat. Lipases can be used as valuable drugs 
against digestive disorders and find applications in biotechnology, e.g. as detergent additive. 
Additionally, they are used as catalyst for the manufacture of specialty chemicals.  
The broad synthetic potential of lipases is due to the acceptance of a broad range of substrates, 
also others than triglycerides. Their stability in non-aqueous organic solvents contributes to 
their synthetic potential, which means they can be used for both hydrolysis and ester 
synthesis, depending on the solvent system used. They have been used for the preparation of 
chiral alcohols, esters, carboxylic acids and lactones through the corresponding hydrolysis and 
transesterification reactions. Regarding racemic esters or substrates that have several hydroxyl 
groups, lipases react with high enantio- and regioselectivity.[53] 
To define what an enzyme makes a lipase, in 1958 Sarda and Desnuelle described lipases in 
kinetic terms, based on the phenomenon of interfacial activation. For a long time, lipases were 
considered to be a special category of esterases which are highly efficient at hydrolyzing 
molecules aggregated in water. In 1990 the first protein structures were solved by X-ray 
crystallography, revealing that the three dimensional structure of the lipases have an 
amphiphilic peptidic loop covering the active site of the enzyme in solution, like a lid. When 
contact occurs with a lipid-water interface, the lid undergoes a conformational rearrangement 
which makes the active site accessible to the substrate. Though this is an interesting feature, it 
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appeared that not all lipases show interfacial activity, nor do all of them have a lid, which 
makes this an inappropriate criterion to define lipases. The safest way to classify an esterase 
as a lipase is to experimentally verify whether it hydrolyzes long chain acyl glycerols. [53b] 
Candida antarctica Lipase B  
The basidiomycetous yeast Candida antarctica produces two different lipases, called A and 
B. As the name indicates, the yeast was originally isolated in Antarctica with the aim of 
finding new enzymes with extreme properties. At the time that lipases from Candida 
antarctica were discovered, there was a high demand for more thermostable lipases that could 
operate at temperatures of 60 °C and above for long-term uses.[54]  Lipase A is the more 
thermostable and lipase B more alkali-resistant of the two lipases. Many reactions can be 
catalyzed by the lipases, including ester hydrolysis, ester synthesis, acidolysis, alcoholysis and 
transesterification.[54a]  
Candida antarctica Lipase B (CAL-B) is composed of 317 amino acids which fold in an α/β 
hydrolase fold. Like other lipases, CAL-B has the same mechanism of action as a serine 
protease. A Ser-His-Asp triad is responsible for the catalytic reaction (Scheme 1).[55]  
 
Scheme 1 Catalytic Ser-His-Asp triad responsible for the catalytic reaction. In case that the nucleophile is water, 
a hydrolysis reaction is catalyzed.[55-56] 
CAL-B is a highly selective lipase, whose active site contains two channels, one hosting the 
acyl- and one hosting the alcohol-moiety of the substrate. The acyl channel is more spacious, 
which means that CAL-B accepts a wide range of acyl donors, whereas it is more selective 
towards alcohol substrates. The majority of studies employ CAL-B in immobilized form in 
which it is highly thermostable and can be used in continuous operation at 60 – 80 °C without 
any significant loss of activity even after several thousands of hours in use.[55] CAL-B accepts 
a wide range of acyl donors like carboxylic acids, simple esters, activated compounds and 
enol esters. Unlike some other lipases CAL-B is highly stable when exposed to acetaldehyde 
formed from vinyl esters; and even oxime esters and thio esters have been used as acyl donor. 
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CAL-B also tolerates a great variation in experimental conditions and has been shown to be a 
particularly efficient enzyme catalyzing a great number of different organic reactions 
including many that have been scaled up to commercial scale.[55, 57]  
Applications of CAL-B in organic synthesis 
Although fatty acids, their esters and glycerol are CAL-B’s natural substrates, the substrate 
scope is by no means limited to them. CAL-B is also used in the production of a wide range 
of other esters and steroids. Straight-chain fatty acids can successfully be used in synthetic 
CAL-B catalyzed transformations as well. Both short and long chain fatty acids can be 
accepted by CAL-B, although the reaction rate is lower for acetic acid and propionic acid, 
compared to intermediate and long chain acids. Moreover, also branched chain structures can 
be applied successfully.[55, 58]  
Another way of broadening the substrate scope of CAL-B is using alternative nucleophiles in 
the reaction. Apart from water or an alcoholic group, also amino-, hydroperoxy- and thiol-
groups can act as nucleophile (Scheme 2).[55] If H2O2 is used as nucleophile, a perhydrolysis 
reaction is obtained. Although the perhydrolysis catalyzed by CAL-B with carboxylic acids is 
limited to fatty acids, when using esters as starting material the reaction has a much broader 
substrate scope. In this way, starting from esters like e.g. EtOAc or diethyl carbonate, PAA 
and peroxycarbonic acids can be formed.[59]  
 
Scheme 2 CAL-B catalyzed reaction of an ester and different nucleophiles, yielding different compounds.[55, 59] 
One of the most powerful characteristics of enzyme-catalyzed organic synthesis is the ability 
to perform selective reactions, like in the CAL-B catalyzed regio-selective acetylation of 
carbohydrates. Also deacetylation reactions can be conducted in a regio-selective manner 
using CAL-B as the catalyst. It was shown that during the deacetylation of α-D-glucose penta-
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acetate, only the acetate group in the 6-O-position was hydrolyzed.[55, 60] For CAL-B a lot of 
enantioselective reactions are studied, under which the resolution of racemic alcohols and 
acids. The enzyme accepts many alcohols[61] and has a catalytic preference towards the R-
enantiomer of secondary alcohols.[55, 62] An extension to the esterification of simple esters is 
the polymerization of aliphatic hydroxy acids or mixtures of suitable di- or polyols and 
aliphatic di-acids. In this way, aliphatic polyesters are obtained. CAL-B has also been used to 
synthesize monomers for polymerization. The epoxidation of unsaturated carboxylic acids is 
performed with CAL-B as well, which can subsequently be subject to polymerization leading 
to polyhydroxy-polyesters.[55]  
The main factor limiting industrial use of CAL-B is the relatively high price of the 
immobilized products. These are mainly made for the resolution of chiral intermediates and 
other specialty chemicals. In these cases, performance and purity of the catalyst is more 
important than the price. If a less expensive immobilized product would be available, other 
applications for commodity-type products on bulk scale would be feasible. An interesting 
alternative for Novozyme 435 could be immobilization on cheaper supports. [57, 63] 
Mycobacterium smegmatis Acyl Transferase (MsAcT) 
To be able to use lipases for the synthesis of a large range of products, many efforts are being 
done to provide guidelines for the selection of the most suitable enzyme, solvent, reaction 
conditions, substrate specificity, chiral selectivity, immobilization techniques and reaction 
kinetics.[64] However, in all these reactions the use of anhydrous solvents is required. 
Therefore, there is a need for enzymes catalyzing acyl transfer reactions in aqueous media.[65]  
Such an enzyme – an acetyl esterase from Trichoderma reesei – was reported in 2004 by 
Kremnický et al.[66] The enzyme preparations from T. reesei were able to acylate methyl β-D-
xylopyranoside in 2-propanol, using EtOAc or vinyl acetate as acyl donor (Scheme 3). It was 
observed that this reaction proceeded better when more water was present in the reaction 
system and the reaction can even be performed in pure water, i.e. in the complete absence of 
2-propanol. Furthermore, regioselectivity was increased with increased water amounts. In a 
screening that was done subsequently, the enzyme appeared to be able to catalyze the 
acetylation of compounds containing one or more hydroxyl groups in water or aqueous 
environments in the presence of activated esters of organic acids serving as acyl donor.[66]   
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Scheme 3 Acetylation of methyl β-D-xylopyranoside using EtOAc or vinyl acetate as acyl donor, forming mono-, 
di-, and tri-acetates; only one mono-acetate is shown here. Reaction proceeds in 2-propanol/water mixtures and 
even in pure water, in which also higher regioselectivities are obtained. 
Similarly, in 2007 Mathews et al. reported the enzyme MsAcT that catalyzes alcoholysis in 
substantially aqueous media. Mathews et al. isolated the above-mentioned enzyme from 
Mycobacterium parafortuitum ATCC, strain number 19686.[65] The extraordinary ability to 
perform transesterification and perhydrolsis in aqueous solutions, is due to the structure of the 
enzyme (Figure 4).  
 
Figure 4 The active site of MsAcT is difficult to enter for water, because a hydrophobic tunnel is formed by 
tryptophan, phenylalanine, isoleucine, alanine, proline, valine and glycine residues.[65] 
The crystal structure shows that the enzyme is an octamer with eight identical subunits that 
assembles in a tetramer of closely associated dimers that form a bloklike structure. The 
catalytic triad is composed of Ser11, Asp192 and His195. The enzyme possesses a 
hydrophobic channel to each active site, which is formed from tryptophan, phenylalanine, 
isoleucine, alanine, proline, valine and glycine residues from three different monomers of the 
enzyme. The hydrophobic nature of the channel results in the fact that although there is 
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ordered internal water seen in the vicinity, no ordered water can be found in the hydrophobic 
channel. This means that within the active site, no water will be present even when the 
enzyme is in aqueous solution. Consequently, no hydrolysis reaction can occur, and the 
enzyme will catalyze the synthesis reaction, either being transesterification or perhydrolysis, 
depending on the nucleophile that is present in the reaction media.[65] As mentioned above, 
MsAcT favors alcoholysis over hydrolysis in water. Furthermore, in the presence of H2O2, 
MsAcT has a perhydrolysis : hydrolysis ratio 50-fold greater than that of the best lipase tested 
in the study by Mathews.[67] The enzyme is able to catalyze transesterification and 
perhydrolysis with formation of aliphatic peracids and it therefore could be an effective 
source in the in situ generation of bleaching agents.[65] In this respect, the formation of PAA is 
especially important. PAA is a disinfectant active against a broad spectrum of pathogens, and 
can be used in lower concentrations than H2O2 for example. Furthermore, PAA can also 
deactivate biofilms on stainless steel surfaces, and even more efficiently than chlorine. PAA 
decomposes into acetic acid, oxygen and water, which all three are nontoxic compounds. This 
is the reason why it has been approved both as pesticide and for food contact and food contact 
surfaces.[68] 
Synthesizing PAA chemically, the major drawbacks are the long reaction time required and 
the remainders of starting materials and catalyst like acetic acid, H2O2 and corrosive H2SO4 in 
the product. Other lipases can catalyze this reaction as well, however their perhydrolytic 
activity is much lower in aqueous solutions than that for MsAcT and therefore hydrolysis of 
the peracid will be the dominating reaction in aqueous solutions. Moreover, most lipases are 
deactivated by H2O2 and/or the formed PAA. MsAcT performs perhydrolysis to PAA 
relatively easily, starting from esters like EtOAc (Scheme 4). 
 
Scheme 4 MsAcT catalyzed perhydrolysis of EtOAc to PAA in buffer solutions. Where MsAcT favors 
perhydrolysis over hydrolysis, other lipases are not able to catalyze this or similar perhydrolysis reaction under 
aqueous conditions.  
Soon many applications of this valuable property of the enzyme were described in various 
patents, like its use in detergents, textile manufacturing, food industry and the manufacture of 
chemicals.[68-69] Examples for envisaged applications are the decolorization and removal of 
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dyes from wastewater streams in textile industry. Presently, mostly dilute hypochloric acid or 
formic acid solutions are used to do so and there is a clear need for more efficient and 
environmentally friendly methods for decolorization of dyes. MsAcT catalyzed formation of 
peracids in aqueous solutions provides a way to do so. Similarly, MsAcT could bring a 
solution for more environmentally friendly so-called washdown process – a process in which 
textile materials are washed after dying with the objective to create a desired worn 
appearance.[70]  
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2 AIM OF THE THESIS 
There is a need for the production of novel biobased materials. In order to access the key 
intermediates that are the starting materials to produce this kind of products, the 
lignocellulosic biomass has to be pretreated accordingly. Many pretreatments for biomass 
exist, all of them having their advantages and disadvantages. Among them, a promising 
process yielding a very clean cellulose and hemicellulose fraction from biomass is oxidative 
delignification. In this process, biomass is delignified selectively and the sugar fractions are 
kept intact. Nevertheless, this process is till date exclusively used in pulp and paper industry, 
and lignin streams are only used for incineration. Therefore, the first aim of this thesis is to 
study the potential of oxidative pretreatment methods, for lignocellulosic biomass performed 
in non-aqueous media.  
Valorization of the obtained cellulose, hemicellulose and lignin streams is an important aspect 
to consider towards a future biobased economy. Many applications and synthetic routes have 
been developed to valorize cellulose and hemicellulose streams. Conversely, only few ways to 
valorize lignin streams have been developed today. Therefore, the second target in this PhD 
thesis was to study the obtained lignin stream from the oxidative pretreatment and to find 
novel ways to valorize also the lignin stream.  
Instead of using dry biomass in non-aqueous media, another opportunity might be performing 
the pretreatment step in monophasic aqueous conditions, in which all polysaccharides and 
fermentable sugars are obtained in an aqueous phase. This phase might then immediately 
serve as fermentation medium. For doing so, the novel enzyme MsAcT is an interesting 
candidate since it shows synthetic activity in monophasic aqueous systems. Next to using the 
perhydrolase activity of this enzyme for producing the oxidizing agent for delignification of 
biomass, MsAcT is also an interesting candidate for wastewater treatment and/or the removal 
of furans from aqueous environments. Therefore, the third aim in this PhD thesis was to 
produce this novel enzyme MsAcT, and to explore its potential in relation to the field of 
biomass pretreatments and valorization.  
The general scheme of this PhD thesis is also shown in Scheme 5. 
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Scheme 5 General structure of this PhD thesis following three research lines, covering oxidative pretreatment of 
lignocellulosic biomass in non-aqueous systems, oxidative lignin dearomatization and MsAcT catalyzed 
conversions of biomass-derived intermediates. 
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3 LIPASE-MEDIATED OXIDATIVE DELIGNIFICATION IN 
NON-AQUEOUS MEDIA: FORMATION OF 
DEAROMATIZED LIGNIN OIL AND CELLULASE-
ACCESSIBLE POLYSACCHARIDES 
3.1 Oxidative delignification – State of the art 
As described before, the pretreatment of lignocellulosic biomass with peracids in general, and 
with PAA in particular, has been studied by several groups, mainly for pulp and paper 
strategies.[32-33, 71] Although scientifically interesting, the large costs typically associated to the 
use of PAA have hampered its further practical use in paper industry. In addition to the cost 
factor, PAA is also explosive in concentrated form, thus creating safety hazards associated 
with its storage and transportation. An alternative to overcome this problem is the in situ 
generation of the peracids like it is done in the so-called MILOX process using aqueous 
formic acid and H2O2.[32] Another way to obtain peracids in situ would be the enzymatic 
peracid formation by means of carboxylic acids and derivatives with H2O2. Yet, most 
hydrolases are not able to catalyze the reaction of H2O2 and either acetic acid or acetic acid 
esters to PAA under aqueous conditions, as a nucleophilic competition between water or H2O2 
and the acyl-enzyme complex occurs. In the presence of water, hydrolases have a strong 
preference to catalyze hydrolysis instead of perhydrolysis. However, perhydrolases are a 
subclass of hydrolases that do favor H2O2 in the same reaction. To determine how efficient 
the enzyme can catalyze perhydrolysis in aqueous conditions in which they are typically used, 
the ratio of perhydrolysis rate (P) to hydrolysis rate (H) gives a clear indication. Hydrolases 
have a perhydrolysis / hydrolysis ratio, also called the P/H value, of around 0.25, whereas 
perhydrolases have values of up to 1 or even higher.[72]  
Another important issue to consider is the fact that when acetic acid is used to form PAA, 
only low concentrations will be obtained due to the equilibrium of the reaction. It is easier to 
form higher concentrations of the peracid when an acetic acid ester is used, like EtOAc. The 
ester cleavage is thermodynamically favored and no equilibrium is formed. Higher 
concentrations of PAA will be obtained. However, the product is still subject to hydrolysis if 
this reaction is performed in aqueous media as was done by Ducan et al.[73] It was shown that 
the use of in situ, by perhydrolases generated PAA, progressively and selectively removed 
lignin from lignocellulosic biomass, like commercial PAA does. Moreover, it left 
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hemicellulose and cellulose intact. However, the concentrations of PAA reached still 
remained low and several cycles of the pretreatment were necessary to obtain a good result.[73-
74]
  
3.2 Oxidative delignification of beech wood 
Taking that background, in this PhD thesis, the possibility to pretreat lignocellulosic biomass 
by oxidative delignification with in situ formation of peracids by CAL-B under non-aqueous 
solutions was explored for the first time. Since the reaction is conducted in an aqueous-free 
environment, this offers the advantage that no nucleophilic competition of water and H2O2 
occurs to form the acyl-enzyme complex.  
In the first part of this PhD thesis, all reactions described were performed using beech wood 
as the biomass of choice. Analogous to the study reported by the Kazlauskas-group[73-74], 
EtOAc was the acyl donor of choice to form the PAA in situ. Since this study was performed 
in non-aqueous media, the EtOAc serves both as acyl donor, and as solvent for the reaction.  
Oxidative pretreatment reactions were performed, after which the suspended pulp was 
separated from the organic solvent. The lignin was obtained after evaporation of the solvent 
and analyzed by 1H-NMR. Moreover, the obtained polysaccharide fraction was analyzed 
using several subsequent reactions (Figure 5). First, Accellerase®, an enzyme cocktail 
containing several endo- and exoglucanases, β-glucosidase, cellulases and others, was used to 
hydrolyze the polysaccharide fraction. Subsequently, a Glucose Assay Kit was used to 
measure the produced glucose from the polysaccharide fraction. The analytic tool converts 
glucose to glucose-6-phosphate with the aid of adenosine triphosphate (ATP) that is converted 
in the same reaction to adenosine diphosphate (ADP). Then, in a second reaction, the glucose-
6-phosphate is converted to 6-phosphogluconate in a nicotinamide adenine dinucleotide 
(NAD) dependent reaction. After this reaction, dihydronicotinamide adenine dinucleotide 
(NADH) is formed, which can be measured with UV at a wavelength of 340 nm. Important is 
that the amount of NADH formed in these two combined reactions is linearly proportional to 
the amount of glucose present before the reaction (Scheme 6). 
  
32 
 
 
Figure 5 Scheme of the pretreatment reaction and analytics of the products obtained after the reaction. 
 
Scheme 6 Reactions performed with the aid of the Glucose Assay Kit. The obtained amount of NADH is directly 
proportional to the amount of glucose at the beginning of the reaction.  
Within a first set of experiments it was studied to which extent beech wood, without any 
pretreatment is accessible for cellulases. Although some glucose was obtained after treating 
the wood with the enzyme cocktail, amounts were only very low. Not more than 0.16 g L-1 
glucose was obtained (Figure 6), clearly demonstrating the difficulties of cellulases in 
accessing crude lignocellulosic residues. Results are fully consistent with previous findings of 
our research group and the literature.[31] 
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Figure 6 Enzymatic hydrolysis of the remaining delignified pulp of untreated beech wood. Cellulases have only 
limited access to beech wood without pretreatment. Conditions: 20 g L-1 beech wood, 0.1 M citric buffer pH 
4.35, 1 vol % accellerase, 50 °C.  
Now beech wood was treated with enzymatically generated peracid.  In the first place, EtOAc 
was used to form PAA in a CAL-B catalyzed reaction. The PAA treats the lignocellulosic 
biomass. Series of enzymatic peracid-based pretreatments and a series of blank reactions, i.e. 
reactions without any catalyst, were performed to find suitable reaction conditions for the 
oxidative processing. As can be seen in Table 2, both in the CAL-B catalyzed as in the blank 
reactions similar amounts of glucose were obtained as those observed for beech wood without 
pretreatment (Figure 6). This result was the same for loadings of 10 g L-1 and 5 g L-1 beech 
wood. Also the fact that higher amounts of H2O2 were used when lower beech wood loading 
were applied, did not influence the accessibility of the polysaccharide fraction for cellulases 
in a positive way.  
Table 2 Enzymatic hydrolysis of the remaining delignified pulp of two series of pretreatments. In all reactions, 
similar results were obtained. Conditions: 5 – 10 g L-1 beech wood, additions of 1.0 or 1.5 mmol H2O2 in 1 – 3 
additions, 24 hours reaction time, 50 °C. 
[Glucose] [g L-1] 
Amount of 
beech wood 
Amount of 
H2O2 
Number of 
H2O2 additions No catalyst CAL-B 
10 g / L 100 mM 1 0.148434207 0.131941517 
10 g / L 100 mM 2 0.082463448 0.074217104 
10 g / L 100 mM 3 0.119572 0.152557379 
5 g / L 150 mM 1 0.210281793 0.185542759 
5 g / L 150 mM 2 0.202035448 -0.012369517 
5 g / L 150 mM 3 0.169050069 -0.358716 
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After these first attempts, the reactions described by Duncan et al. and Yin et al.[73-74] were 
used as basis for the next experiments, i.e. water was added to the reactions as well. Also 
now, several blank reactions (without enzyme; without enzyme and H2O2; without enzyme, 
H2O2 and water) were performed. Wood loadings of 17 g L-1 were used and an amount of 150 
mM H2O2 was added to the reaction. Also in these reactions, neither lignin nor substantial 
amounts of glucose could be obtained. For this latter experiments, it must be noted that true 
perhydrolases (and not lipases) with a high P/H value were used in the literature. To improve 
the amount of peracid formed when using lipases, different solvent systems were studied 
using both two-phase systems and pure organic solvents in which no hydrolysis can occur. In 
four reactions, four different kind of solvents were used, namely EtOAc and water as a two-
phase system, pure EtOAc, pure DMC and pure octanoic acid. As observed (Figure 7), it was 
clear that the use of DMC gives the highest accessibility of the polysaccharide fraction 
towards cellulases. Afterwards it was shown that this reaction does not proceed in the absence 
of enzyme or in the absence of enzyme and H2O2. Till now, these experiments were 
performed as two-step reactions. In the first step, the peracid was allowed to be formed and 
after 6 hours, the wood was added and the oxidative delignification could take place. It was 
confirmed that the reactions could also be performed in only one step and in the subsequent 
hydrolysis of the pulp, even yielded slightly higher glucose contents of up to 1.4 g L-1 in 6 
hours.  
 
Figure 7 Enzymatic hydrolysis of the remaining delignified pulp after reaction with different solvent systems. 
Conditions: 1.6 g L-1 beech wood, different solvents, 2 additions of 3.1 mmol H2O2, 100 mg CAL-B, 50 °C, 24 h 
reaction time.  
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Till now, reactions were performed at 50 °C as required when EtOAc is used as acyl donor for 
peracid formation, since the formed PAA is unstable at higher temperatures. Now, DMC was 
used as acyl donor yielding a monomethylperoxycarbonic acid and the reaction was also 
conducted at 80 °C. The pretreatments were performed over 6 hours with H2O2 additions with 
one hour time intervals. After the reaction, the remaining polysaccharide fraction was used for 
cellulase hydrolysis. Actually, the pretreatment in DMC led to higher glucose content after a 
cellulase test: 4.8 g L-1 glucose were obtained in 5 h, whereas for the reaction performed at 50 
°C this was only 1.7 g L-1 (Figure 8).  
 
Figure 8 Pretreatment of beech wood performed at different temperatures. Enzymatic hydrolysis of the 
remaining delignified pulp shows that the obtained glucose concentration is higher in experiments using DMC at 
80 °C and therefore pretreatment in DMC is more efficient than in EtOAc at 50 °C. 
Now, a general pretreatment process was established, as shown in Scheme 7. Most likely, 
monomethylperoxycarbonic acid was formed from dimethyl carbonate (DMC) and H2O2 
catalyzed by the lipase CAL-B. The beech wood is treated with the peracid and delignified 
polysaccharides and oxidated lignin are obtained as products. The obtained methyl hydrogen 
carbonate decomposes to CO2 and methanol. 
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Scheme 7 Beech wood is treated with monomethylperoxycarbonic acid, obtained from DMC and H2O2 catalyzed 
by CAL-B. Oxidated lignin and delignified polysaccharides are the obtained products and methyl hydrogen 
carbonate decomposes to CO2 and methanol.  
As expected, shorter reaction times led to decreased accessibility of the polysaccharide 
fraction for cellulases. After pretreatments that were performed over 2 – 6 h not more than 0.5 
g L-1 glucose was obtained after the polysaccharide fractions were subjected to cellulases. In 
contrast, after pretreatment over 24 h with the same H2O2 concentration of 0.5 M, 4.3 g L-1 
glucose was obtained. Nevertheless, it was important to shorten the reaction time. By 
elevating the H2O2 concentrations during the pretreatment, it was possible to increase the 
accessibility of the polysaccharide fraction notably. After a pretreatment that was performed 
over 6 h, with 6 additions of 3 mmol H2O2, a glucose concentration of 3.1 g L-1 was obtained 
(Figure 9). 
 
Figure 9 Enzymatic hydrolysis of the remaining delignified pulp after pretreatment of beech wood using several 
reaction times. By adding 3.1 mmol of H2O2 in six stepwise additions, the pretreatment can be performed over 6 
h, with the polysaccharide fraction being accessible to cellulases. Conditions: 1.67 g L-1 beech wood, 50 mg 
CAL-B, additions of 3.1 mmol H2O2, 80 °C.  
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Adding the H2O2 in shorter time intervals appeared to lower the glucose yield after enzymatic 
hydrolysis of the pulp, indicating that the delignification in this case is less efficient. This 
might be due to the fact that the enzyme does not tolerate too high concentrations of H2O2, 
and thus gets rapidly denatured.  
Subsequently, the initial cellulolytic rate was determined for pretreatment reactions over 
different time frames (Figure 10).  
 
Figure 10 Hydrolysis rates of cellulase hydrolysis of the polysaccharide fraction at different pretreatment times 
(1.5 – 9 h). Pretreatments were performed in DMC and the peracid was formed in situ. Hydrolytic rates of 
pretreatment in EtOAc and Avicel (no pretreatment) are shown for comparison.[75]  
Also in this case, a pretreatment time of six hours lead to the highest initial reaction rates in 
the subsequent cellulase hydrolysis. As a comparison, also the initial rates of the cellulase 
hydrolysis of Avicel – a commercial cellulose – and the cellulase hydrolysis after 
pretreatment in which EtOAc is used as solvent are shown. Like in Figure 7, it can be seen 
once more that the reaction is more efficient using DMC as solvent, instead of using EtOAc. 
However, the high initial rates observed for the Avicel hydrolysis were not obtained with the 
biomass pretreated samples. This may be due to the fact that Avicel is a commercially 
available cellulose, mainly consisting of glucose-units. All the sugars that are obtained after 
the cellulase hydrolysis are glucose monomers. In the polysaccharide fractions obtained from 
wood, a mixture of pentoses and hexoses are obtained and not all sugars are detected with this 
glucose assay.  
Apart from the obtained polysaccharide fraction, studied with cellulases (above), lignin 
residue was obtained upon evaporation of DMC. After peracid-based pretreatments described, 
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the lignin that was yielded by evaporation after pretreatment was obtained in an oily form 
rather than a solid, as it would have been expected (Figure 11).  
 
Figure 11 Left above: starting material, beech wood; Left below: enriched polysaccharide fraction after 
delignification; Right: lignin oil, isolated after evaporation of DMC. Reaction conditions: 0.1 g beech wood, 30 
mL DMC, 80 °C; CAL-B 0.05 mg. Additions of 3.1 mmol H2O2 h-1 up to 5 h (six additions in total), for 6 h 
reaction time.[75]  
3.3 Analysis of the lignin oil 
The obtained oil was formed in reactions with both EtOAc and DMC as solvent, albeit at 
different yields: in the EtOAc pretreatment, 0.2 g beech wood was used, obtaining 2.4 mg 
lignin oil which corresponds with 4.8 – 6 % lignin, based on a lignin content of 20 – 25 % in 
beech wood. In the DMC pretreatment from 0.2 g beech wood, 27 mg lignin oil was obtained, 
corresponding to 54 – 67.5 % based on a lignin content of 20 – 25 % in beech wood.[76] To 
further probe whether the produced oil was coming from the lignin and not from the 
polysaccharide fraction in lignocellulose – or any other components present in lignocellulose 
in lower amounts – commercial Avicel was subjected to the same reaction conditions as 
described before. DMC was used as solvent and H2O2 was added in intervals of one hour in 
the presence of CAL-B. After nine hours of reaction time, only unreacted Avicel could be 
recovered and no oil was formed. Another prove that the oil is formed from lignin was given 
by a reaction in which synthetic lignin was used as the substrate. Synthetic lignin is formed by 
an enzymatic reaction, catalyzed by horseradish peroxidase (HRP), in which coniferyl alcohol 
is polymerized upon addition of H2O2 in a buffer system (Scheme 8). The dehydrogenative 
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polymers (DHP), or synthetic lignin, that was formed in this way, was subjected to the same 
reaction conditions as described above. This, indeed, led to the formation of a yellowish oil.  
 
Scheme 8 Formation of synthetic lignin (DHP) from coniferyl alcohol.[75]  
The lignin oil that is formed during reaction with either beech wood or synthetic lignin was 
now analyzed further using 1H-NMR (Figure 12). The spectra clearly revealed a complete 
absence of aromatic peaks. Moreover, a broad band from 3 – 5 ppm suggests formation of a 
complex mixture of low molecular weight compounds like polyols, ketones and esters during 
lignin oxidation. The signal at 8.1 ppm can be assigned to formyl protons of formate groups 
formed during the pulping process.[77] 
 
 
 
 
 
 
 
 
 
 
 
Figure 12 Crude 1H-NMR spectra of lignin oils obtained from beech wood (A) and synthetic lignin (C). The aromatic 
peaks are absent. (B) shows the 1H-NMR spectrum of untreated synthetic lignin, in which these aromatics are still 
present. In the region inside the square the loss of aromatics can be observed.[77] 
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For further analysis of the obtained lignin oil, electrospray ionization mass spectroscopy (ESI-
MS) studies of the several lignin oils were made (Figure 13).  
 
 
 
 
 
 
 
 
 
 
 
 
Coniferyl alcohol has a molecular weight of 180 g mol-1. The size distribution after ESI-MS 
of synthetic lignin is 450 – 700 g mol-1. These values are in agreement with molecular weight 
values reported for DHPs in literature.[78] Interestingly, both the lignin oils – from beech wood 
and from synthetic lignin – that are obtained with this pretreatment method, lead to a main 
size distribution of 60 – 250 g mol-1, with some larger oligomers formed.  
Additionally, it was observed that the lignin oil could well be dissolved not only in DMC but 
also in dimethyl sulfoxide (DMSO), acetone and tetrahydrofuran (THF). It was not possible to 
dissolve the oil in water, in which a suspension was formed. However, a decrease in the pH 
value of the water from 6 to 2 was observed. This supports the idea that some soluble 
aliphatic acids were formed during the pretreatment process as well, consistent with previous 
literature dealing with peracids and lignin.[79]  
Summarizing, the peracid-assisted formation of a completely dearomatized lignin oil was 
described, using beech wood as raw material and lipases suspended in DMC as non-aqueous 
Figure 13 ESI-MS spectra from biomass lignin oil (A), synthetic lignin (B) and synthetic lignin oil (C).  
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solvent. In this case, the peracid formation was catalyzed by the lipase under mild reaction 
conditions by adding H2O2. The lignin present in the beech wood was depolymerized and 
dearomatized via oxidation by these peracids. Although the strategy itself has been assessed 
for pulp and paper processing, by using non-aqueous reaction media this led to the isolation of 
a lignin oil with low molecular weights and complete absence of aromatics. In any case, this 
lignin oil is a highly functionalized and oxidized mixture, which might find new interesting 
applications in different chemical segments such as materials, additives and for further 
chemical derivatizations.  
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4 CATALYST-FREE LIGNIN DEAROMATIZATION WITH 
HYDROGEN PEROXIDE AND DIMETHYL CARBONATE 
4.1 Lignin products with variable degree of aromatization 
Lignocellulosic materials may deliver a broad array of fuels, commodities and platform 
chemicals (Section 1.1).[26a, 80] Herein, the valorization of the lignin stream is an important 
area, since it accounts for a large part of the lignocellulose materials and presently the lignin 
is typically discarded as waste or incinerated as energy source. One option for lignin 
processing is its oxidation after which a number of platform chemicals are obtained.[27, 81] For 
such purposes, the use of peracids for example has been studied extensively, mainly in pulp 
and paper industries (Section 3).[77, 82] Peracids react with lignin by oxidation of hydroxyl 
groups to form carbonyl groups, by cleavage of the β-aryl bonds, reducing the size of the 
lignin polymer and by modifications in the aromatic rings.[83] In this way, selective 
delignification of the lignocellulose is obtained, leaving the polysaccharide fractions intact. 
Several ways to produce peracids in situ have been explored as described before (Section 3.1).  
In Section 3, the peracid-assisted formation of an entirely dearomatized lignin oil was 
described, using beech wood as raw material and lipases suspended in DMC as non-aqueous 
solvent. The development of processes that can deliver dearomatized lignins could open new 
fields of applications for the lignin stream in a future biorefinery. Thus, by forming lignin 
products with different degrees of dearomatization the polymer could become more or less 
flexible depending on the aromatic ratios obtained. This field has not been fully explored yet, 
since peracids are typically applied in aqueous conditions and exclusively for pulp and paper 
applications.  
Therefore, in this part of the thesis, the formation of lignin-based products with different 
degrees of dearomatization was thoroughly explored. Instead of using beech wood, in this 
case reactions were typically conducted using pure lignin obtained via the OrganoCat 
pretreatment.[31, 84] It was observed that the OrganoCat lignin could be readily dissolved in 
DMC, which led to a homogeneous reaction system. This made it possible to analyze the 
degree of aromatization in the individual reactions via 1H-NMR, relative to the untreated 
OrganoCat lignin in which all the aromatics are still present. For this purpose, a standard, 
namely chloroform (not deuterated) was added and the integral of the aromatic region (7.5 – 
6.0 ppm) was determined relative to the standard which has its peak at 8.3 ppm. Using these 
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integrals, the relative aromatic integral was calculated, which is a measure for the degree of 
dearomatization.  
 
Using this method, the CAL-B catalyzed dearomatization of OrganoCat lignin was followed 
over time (Figure 14). The H2O2 additions were succeeded over the total reaction time, i.e. 
every hour in the reaction over 10 h, every half hour in the reaction over 5 h and every 15 min 
in the reaction over 2.5 h. As can be seen, the reaction could be conducted equally well with 
reaction times of 10, 5 and 2.5 hours, reaching full dearomatization at the end of the reaction. 
 
Figure 14 CAL-B catalyzed dearomatization of OrganoCat lignin over different time scales. Conditions: 10 g L-1 
lignin, 20 mg CAL-B, additions of 0.1 mmol H2O2 h-1 up to 9 h (ten additions in total), 80 °C. 
Since it became clear that the reaction only needs 2.5 hours to reach full dearomatization, it 
was considered whether the (homogeneous) reaction really proceeds via the proposed 
enzyme-catalyzed mechanism – as for the (heterogeneous) delignification of beech wood as 
described in chapter 1. To further study this, all possible blank reactions were conducted, and 
the results can be seen in Figure 15. The reference of the reaction is the relative aromatic 
integral of OrganoCat lignin after dissolution in DMC without further catalyst or oxidizing 
agent: “no reaction” in the figure. It can be seen that if no oxidizing agent, i.e. no H2O2 was 
present in the reaction, dearomatization cannot take place. When the H2O2 is added to the 
reaction mixture, a strong dearomatization is observed, regardless whether a catalyst is 
present or not.  
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Figure 15 Dearomatization of OrganoCat lignin, both CAL-B catalyzed and in a catalyst-free fashion, including 
all possible blank reactions. Conditions: 10 g L-1 lignin, 1 M H2O2, either 10 mg CAL-B or 0.01 mmol oxalic 
acid. Reaction time: CAL-B and catalyst-free reaction 150 min, oxalic acid catalyzed reaction 30 min. 
Results comparable to the ones presented here for the oxalic acid and CAL-B catalyzed 
reactions, were obtained in literature when wood was used directly.[83a] Fully dearomatized 
lignin-based products were obtained under mild conditions and after short reaction times. 
When performing the reaction in a catalyst-free manner, a similar dearomatization profile was 
observed, leading to full dearomatization of the lignin at the end of the reaction as well. When 
using catalysts, full dearomatization could be obtained with lower H2O2 concentrations as 
well, but a catalyst-free process may simplify downstream processing significantly. On this 
basis, the behavior of the catalyst-free reaction was studied in more detail.  
For this purpose, the catalyst-free reaction was conducted at different reaction temperatures, 
ranging from room temperature till 80 °C. No higher temperatures were applied for the 
dearomatization, since DMC has a boiling point of 90 °C. As can be seen in Figure 16, with 
increasing temperatures, the amount of aromatics after reaction decreases. Nonetheless, the 
catalyst-free dearomatization proceeded even at room temperature although at lower rates 
than those observed at 80 °C.  
 
H2O2 
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Figure 16 Degree of dearomatization after 4 h at different reaction temperatures. Conditions: 10 g L-1 lignin, 0.9 
M H2O2, reaction time 5 h.  
At reaction temperatures of 80 °C, the reaction was conducted using different H2O2 
concentrations, ranging from 0.2 M to 2 M (Figure 17 and Figure 18). The reaction was 
followed during five hours and the major dearomatization took place in the first 30 minutes, 
indicating that the reaction is relatively fast. Afterwards, the degree of dearomatization 
remains unaltered. This means that the maximum degree of dearomatization is determined by 
the concentration of H2O2. In this way, the reaction system can be controlled relatively easily 
by applying the appropriate amount of H2O2 to reach a desired degree of dearomatization.   
 
Figure 17 Dearomatization of OrganoCat lignin applying different amounts of H2O2. Conditions: 10 g L-1 lignin, 
reaction time 5 h, 80 °C.  
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Figure 18 Degree of dearomatization of OrganoCat lignin applying different amounts of H2O2 after 5 h reaction 
time. Conditions: 10 g L-1
 
lignin, reaction time 5 h, 80 °C. 
All experiments described so far were done using beech wood or OrganoCat lignin obtained 
from beech wood. Now also lignin originating from different wood sources was used, such as 
lignins from reed and mate tea isolated with the OrganoCat process. Reed includes several 
species of large aquatic grasses, particularly the species constituting the genus Phragmites of 
the grass family. The common reed (Phragmites australis) belongs to this genus and grows on 
the shores of streams and lakes in various climate zones.[85] Reed is also used in the MILOX 
process described before.[82] Mate is an evergreen shrub or tree (Ilex paraguariensis) that 
grows in Paraguay, Uruguay, northern Argentina and Southern Brazil. Its dried leaves are 
used for a tea beverage.[86] Lignins from these wood sources were obtained by OrganoCat 
pretreatment and the dearomatization was performed using 0.9 M H2O2 (Figure 19).  
 
Figure 19 Dearomatization as a function of time with different types of lignin. Reaction conditions: 10 g L-1 
lignin, 20 mL DMC, 0.9 M H2O2, 80 °C.  
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The dearomatization of lignin from different sources proceeds equally well. After 5 hours, 
practically no aromatics are left in the lignins. Most likely, also other wood types can be used 
for dearomatization of their lignins, which can broaden the substrate range. It must be 
mentioned, however, that the lignin from reed did not dissolve in DMC as easily as the other 
two lignin types.  
4.2 Analytical studies  
After the above-described reactions were carried out, lignin-based products were obtained 
with different appearance and properties, depending on their degree of dearomatization. To 
assess the changes observed, different samples, containing 100 % of aromatics, 50 % of 
aromatics, and 0 % of aromatics – both solid and as oil – were prepared. For analysis, the 
lignin-based oil containing 0 % of aromatics was used rather than the solid (Figure 20). 
 
Figure 20 Different lignin-based products obtained from the catalyst-free dearomatization. From left to right: 
OrganoCat lignin containing 100 % of aromatics (no reaction), lignin-based product containing 50 % 
aromatics, solid lignin-based product containing 0 % aromatics and lignin-based oil containing 0 % of 
aromatics.  
The yield in which these lignin-based products were obtained, was dependent on their degree 
of dearomatization. The yield decreases with decreasing degree of aromatics. In this case, the 
lignin containing 100 % of dearomatization was excluded, since no further reaction was 
performed after the OrganoCat treatment. The lignin-based product containing 50 % of 
aromatics was obtained with a yield of 80 %. The solid lignin-based product containing 0 % 
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of aromatics was obtained with a yield of 48.6 % and the lignin-based oil containing 0 % of 
aromatics with a yield of 33.6 %.  
Figure 21 shows Fourier Transform – Infrared Spectroscopy (FT-IR) of the three different 
lignin products. The treatment of lignin is accompanied with significant increase in the 
proportion of carbonylic bonds like esters, acids and aldehydes, as well as with the decrease 
of aromatic stretching bands in the region of 1400 – 1600 cm-1.   
 
 
 
 
 
 
 
 
 
 
 
 
 
 
By conducting elementary analysis of the lignin derivatives, the content of carbon and 
hydrogen in the lignin-based products were obtained. As a difference to 100 %, also the 
oxygen content was calculated. In this way, the oxidation profile of the treatment became 
visible. A decrease of the C and H content in the lignin-based products was observed, as can 
be seen in Figure 22. 
Figure 21 FT-IR studies of three lignin derivatives; OrganoCat lignin containing 100 % of aromatics and 
the lignin-based products containing 50 % and 0 % of aromatics. 
(B) lignin-based product 1 
      50 % aromatics 
(C) lignin-based product 2 
      0 % aromatics 
Aromatic C = C  
(1400 – 1600) 
C = O of carbonyl, 
aldehyde, acid or 
esters (1720) 
(A) OrganoCat lignin 
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Figure 22 Elementary analysis of three different lignin derivatives. 
In order to study to which extend the lignin is cleaved and fractionated during pretreatment, 
ESI-MS studies of the three lignin derivatives were performed (Figure 23).  
 
 
 
 
 
 
 
 
 
 
 
Figure 23 ESI-MS studies of three lignin derivatives; OrganoCat lignin containing 100 % and the lignin-based 
products containing 50 % and 0 % of aromatics. 
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As can be seen in the first ESI-MS spectrum, the OrganoCat lignin has a relatively narrow 
distribution. Mainly two fragment sizes are obtained in ESI-MS, namely 1,017.7 g mol-1 and 
1,142.2 g mol-1. As expected, the oxidative dearomatization led to fragmentation of the lignin 
polymer resulting in lower molecular weight products.  
Finally, also 2D 1H-13C HSQC (Heteronuclear Single Quantum Coherence) NMR was 
recorded on all three lignin products, to study the structure of the formed lignin-based 
products in more detail. The spectrum of OrganoCat lignin is shown below (Figure 24) and as 
can be seen, it can be divided into an aliphatic, oxygenated aliphatic and aromatic region. To 
assign (part of) the crosspeaks, the aromatic and oxygenated aliphatic regions are analyzed in 
greater detail. The compounds that belong to the assigned peaks, are shown in Figure 25. 
Figure 24 2D 1H-13C HSQC NMR spectrum from OrganoCat lignin (100 % of aromatics) with the three main 
regions. 
Aromatic 
Oxygenated Aliphatic 
Aliphatic 
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Figure 25 Compounds that belong to the assigned peaks, with their bonds and nomenclature as used in the 
HSQC spectra. 
As can be seen in Figure 26, three main linkages could be assigned from the crosspeaks in the 
oxygenated aliphatic region. The β-O-4´ linkage (A) was identified with its Cα-Hα correlation 
at δC/δH 72.1/5.02 ppm. The Cβ-Hβ correlation was found for the syringyl unit (S) at δC/δH 
86.1/4.26 ppm and the Cγ-Hγ correlation was detected at δC/δH 60.1/3.76. Also clearly 
assignable was the phenylcoumaran (β-5´) unit (B) with its Cα-Hα, Cβ-Hβ and Cγ-Hγ 
correlations at δC/δH 87.4/5.55 ppm, 54.5/3.54 ppm and 63.3/3.87 ppm respectively. 
Furthermore, the resinol (β-β´) substructure (C) was found with its Cα-Hα, Cβ-Hβ and the 
double Cγ-Hγ correlations at δC/δH 85.4/4.75 ppm, 54.1/3.11 ppm; and 71.4/3.87 & 4.22. 
Moreover, a very broad signal for –OMe groups was found at δC/δH 56.1/3.76. 
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Concluding, it can be stated that cross signals of the different linkage units were identified. 
Therefore, also structural changes after reaction with oxidizing agents should be possible to 
detect. The aromatic region of the spectrum is shown in Figure 27. 
Figure 26 2D 1H-13C HSQC NMR spectrum from OrganoCat lignin (100 % of aromatics), focused on the aliphatic 
oxygenated region. 
Figure 27 2D 1H-13C HSQC NMR spectrum from OrganoCat lignin (100 % of aromatics), focused on the aromatic 
region. 
- OMe 
Bα 
Aα 
Cα Aβ(S) 
Cγ Cγ 
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In the aromatic region, the guaiacyl unit (G) was identified with its C2-H2 linkage at δC/δH 
111.1/6.96, its C5-H5 linkage at δC/δH 115.2/6.73 and its C6-H6 linkage at δC/δH 119.1/6.79. 
Besides, also the C2,6-H2,6 linkages in both the etherified syringyl units (S) and the double 
C2,6-H2,6 correlations of oxidized syringyl units (S´) can be found, at δC/δH 103.8/6.69 (S) and 
δC/δH 106.2/7.08 & 7.25. 
The next sample is the OrganoCat lignin with 50 % of aromatics. In Figure 28, the HSQC 
spectrum is depicted. Now, immediately it is clear that less crosspeaks occur in the aromatic 
region, whereas more peaks appear in the oxygenated aliphatic region. Once again these 
regions are analyzed in more detail below. 
 
 
 
 
 
 
 
 
 
 
 
In Figure 29 the oxygenated aliphatic region is shown. Even in the lignin-based product where 
only 50 % of aromatics are left, none of the crosspeaks can be assigned to the linkages that 
were found in the OrganoCat lignin. Still, there is a broad signal for –OMe groups, although it 
is narrower than in the spectrum for OrganoCat lignin. The broad crosspeak at δC/δH 51.6/3.70 
ppm and the region between δC/δH 64.3/4.13 to δC/δH 66.1/4.21 (shown in circles in the 
figure), most probably arise from aliphatic acids, alcohols or esters. Nevertheless, many 
unassigned peaks of this complex mixture are left. 
Figure 28 2D 1H-13C HSQC NMR spectrum from lignin-based product 1 (50 % of aromatics), with the three 
main regions. 
Aromatic 
Oxygenated Aliphatic 
Aliphatic 
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In the aromatic region (Figure 30), it can be seen immediately that many crosspeaks 
disappeared and none of the crosspeaks can be assigned as in the OrganoCat spectrum. The 
largest crosspeaks, like the ones at δC/δH 106.9/7.30 ppm, δC/δH 115.1/6.90 ppm, δC/δH 
124.8/6.90 ppm, δC/δH 126.8/6.70 ppm can all originate from oxygenated aromatic 
compounds. However, (almost) no couplings between the peaks occur, which complicates 
assignment of the peaks. This probably means that they originate from individual compounds.  
  
 
 
 
 
 
 
 
Figure 29 2D 1H-13C HSQC NMR spectrum from lignin-based product 1 (50 % of aromatics), focused on the 
aliphatic oxygenated region. 
-OMe 
Acid, alcohol, ester 
Acid, alcohol, 
ester 
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Finally, also the spectrum of the OrganoCat lignin with 0 % of aromatics was analyzed. In 
Figure 31, the HSQC spectrum is shown. 
Figure 31 2D 1H-13C HSQC NMR spectrum from lignin-based product 2 (0 % of aromatics), with the three
main regions. 
Figure 30 2D 1H-13C HSQC NMR spectrum from lignin-based product 1 (50 % of aromatics), focused 
on the aromatic region. 
Aromatic 
Oxygenated Aliphatic 
Aliphatic 
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Now, the main part of all crosspeaks lies in the oxygenated aliphatic region. Also in the 
aliphatic region, more peaks occur. Interestingly, two peaks at δC/δH 41.6/3.43 ppm, δC/δH 
60.5/3.43 ppm were found, that are typically the C-H correlation between the two carbons 
before an alcohol group or the two carbons on both sides of an ester group.  
In Figure 32, similar as in the oxygenated aliphatic region for the lignin-based product with 
50 % of aromatics, crosspeaks can be found that originate from acids, alcohols or esters. Like 
in the spectrum of 50 % of aromatics, in this case many peaks cannot be assigned.  
 
 
 
 
 
 
 
 
 
 
 
 
In the aromatic region of the lignin-based product with 0 % aromatics, finally, almost no 
peaks occur (Figure 33). The largest peaks that are left can be seen at δC/δH 123.7/7.37 ppm, 
δC/δH 133.9/6.73 ppm, δC/δH 134.4/6.21 ppm and δC/δH 136.1/7.77 and could originate from 
oxygenated aromatic compounds. No couplings between the peaks occur, which makes 
assignment more difficult. 
Figure 32 2D 1H-13C HSQC NMR spectrum from lignin-based product 2 (0 % of aromatics), focused on the 
aliphatic oxygenated region. 
Acid, alcohol, ester 
Acid, alcohol, ester 
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Concluding, in the OrganoCat lignin sample, all lignin bonds like the β-O-4, β-5’ and β-β 
linkages were detected. In the aromatic region, the signals belonging to the guaiacyl and 
syringyl units were found. In the lignin-based products with 50 % and 0 % of aromatics 
however, none of these lignin signals can be seen. In the lignin-based product containing 50 
% of aromatics, no linkages between the aromatic units of lignin were found. This indicates 
that during the reaction the lignin is fractionated first and the dearomatization occurs 
afterwards by further oxidative reactions.  
4.3 Mechanistic studies 
Different solvents were used in order to clarify the role of DMC in the dearomatization 
(Figure 34). This experiment indicated that the presence of DMC is crucial for the catalyst-
free dearomatization. Only in other carbonyl-containing solvents like EtOAc dearomatization 
took place, although to a much lesser extent. In other solvents, such as alcohols or dioxane, all 
the aromatics in lignin were conserved after oxidative processing. This indicates that for the 
catalyst-free dearomatization the combination of DMC and H2O2 is essential. However, so far 
it is unknown which reactive species is/are formed during the process, or what the mechanism 
behind the reaction is. Peracids can be efficiently formed in situ using catalysts like acids[77, 82-
83]
 or enzymes.[72, 87] The catalyst-free formation of peroxycarboxylic acids however, is only 
Figure 33 2D 1H-13C HSQC NMR spectrum from lignin-based product 2 (0 % of aromatics), focused on 
the aromatic region. 
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reported for highly activated imidazolium-based carbonate esters as substrates.[88] And 
although monomethylperoxycarbonic acid was reported as the oxidative agent in lipase-
mediated epoxidations, this peracid is not particularly stable at higher temperatures.[89] In 
other words, the question whether a peroxycarboxylic acid or a different reactive species is 
formed during the catalyst-free dearomatization, remains unanswered. 
 
Figure 34 Catalyst-free dearomatization of lignin in different solvents. Conditions: 10 g L-1 lignin, 0.5 mL 
reaction volume, 1 M H2O2, 80 °C, 0.5 h. H2O2 added in diluted form (30 % v/v). 
To further understand these results, a selection of compounds were chosen to explore whether 
dearomatization takes place on those molecules using the CAL-B catalyzed reaction and the 
same catalyst-free conditions as described before. Next to the lignin monomer coniferyl 
alcohol also the lignin like structures anisole, syringol, cinnamyl alcohol and guiacol were 
used. From these experiments it became clear that no dearomatization is possible under 
catalyst-free conditions using the lignin monomer coniferyl alcohol or similar monomeric 
structures. The experiments catalyzed by CAL-B show that also in this case these structures 
are not easily prone to dearomatization. Only the cinnamyl alcohol and the lignin monomer 
coniferyl alcohol show dearomatization to a certain extend (relative aromatic integral of 0.8 
and 0.6 respectively). Interestingly, these two compounds both possess a conjugated aliphatic 
double bond that provides the ß-carbon atom with high electron density. This can promote the 
attack of an electrophile at this position. This reaction follows the mechanism which is 
reported to occur during oxidative delignification.[83b] Yet, such a motif does not exist in the 
lignin polymer in a significant amount, and consequently other unknown reaction pathways 
might contribute to the dearomatization reaction of lignin.  
n-propanol 
  
59 
 
Since so far all efforts to elucidate which reactive species is formed or what mechanism is 
followed in the catalyst-free dearomatization of lignin were unsuccessful, attempts were done 
to prove the existence of a percarbonic acid indirectly. When the monomethylperoxycarbonic 
acid is formed, also methanol is produced as co-product, as can be seen in Scheme 9. A GC-
method was used to detect traces of MeOH, with the aim to prove the formation of even very 
small amounts of methanol and therefore, monomethylperoxycarbonic acid.  
 
Scheme 9 CAL-B catalyzed formation of monomethylperoxycarbonic acid, yielding methanol as co-product. 
After dearomatization of OrganoCat lignin in both CAL-B catalyzed and catalyst-free 
reactions using 1 M of H2O2, methanol was detected indicating that indeed the percarbonic 
acid was formed. To confirm this result, also the negative blank reaction was performed, only 
shaking DMC at 80 °C overnight. However, MeOH was also found in this case, although the 
DMC did not contain any methanol without heating it. This is most likely due to 
decomposition of small amounts of DMC at higher temperatures.  
Although the existence and role of an organic peracid cannot be excluded yet, it can also not 
be proven that it exists. It might be possible that other oxidative specie(s) could be formed 
during the catalyst-free dearomatization of lignin. Such an oxidative species could be singlet 
oxygen (1O2) that can be formed upon decomposition of monomethylperoxycarbonic acid, 
and has been reported as oxidant for lignin.[83] To assess the role of singlet oxygen species, an 
experiment using NaN3 as quencher of this oxidant was conducted.[90] No differences in the 
dearomatization were observed (Figure 35).  
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Figure 35 Dearomatization of OrganoCat lignin. 10 g L-1 lignin, 0.45 M H2O2, 0.45 M NaN3, 80 °C. 
It has been reported that some lipases form monomethylperoxycarbonic acid using DMC as 
acyl donor and H2O2 as nucleophile. The peracid formed by this enzyme-catalyzed reaction is 
responsible for the further epoxidation of styrene or cyclohexene as model substrates (Scheme 
10). Results are shown in Figure 36. 
 
Scheme 10 CAL-B mediated or catalyst-free epoxidation of styrene and cyclohexene. 
The expoxidation of the model substrate in catalyst-free conditions, only led to very low 
conversions (1.2 – 1.8 %), although high concentrations of H2O2 were applied. In the CAL-B 
mediated reactions, monomethylperoxycarbonic acid was formed, which actually performed 
the epoxidation according to previous literature.[89a]  
NaN3 Without NaN3 
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Figure 36 Epoxidations in DMC and H2O2 using CAL-B or in catalyst-free conditions. 100 mM alkene, 100 mg 
CAL-B, H2O2 additions over 6 h, reactions overnight at 80 °C. H2O2 added in diluted form (30 % v/v). 
A plausible explanation for the observation that the dearomatization of lignin proceeds in a 
catalyst-free fashion, would be the participation of the lignin itself in the system. Since lignin 
contains a large amount of hydroxyl groups, it was conceivable that these groups might 
activate the DMC. This would be possible by forming hydrogen bonds and thereby auto-
catalyzing the formation of the monomethylperoxycarbonic acid, as shown in Scheme 11.  
O O
O
O
H
Lignin polymer chain
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O
O
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Scheme 11 Proposed scheme of the formation of the monomethylperoxycarbonic acid assisted by hydrogen 
bonds between the lignin polymer chain and the solvent DMC. 
To verify this hypothesis, glycerol and D-(+)-cellobiose were chosen for their many hydroxyl 
groups and they were added to epoxidation reactions using styrene as substrate, to activate the 
DMC in a similar way. However, none of the reactions yielded the desired styrene oxide. To 
further explore this theory of solvent activation, the same epoxidation of styrene was 
conducted in the presence of lignin. First, the lignin monomer coniferyl alcohol was added in 
equimolar amounts to the reaction, but no epoxide was obtained. Then, epoxidation of styrene 
was done using varying amounts of OrganoCat lignin, completely dearomatized lignin as well 
as beech wood as “activator”. Also those reactions did not afford any product. The existence 
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and role of an organic peracid cannot be excluded by these experiments, and therefore further 
studies were conducted to clarify the mechanism of the catalyst-free dearomatization.  
The oxybromination of o-cresol was performed in DMC using H2O2. It was reported in 
literature that this reaction can be performed with H2O2/NaBr as bromine source in a water – 
supercritical CO2 (scCO2) biphasic system. In this reaction, H2O2 and CO2 react to form 
percarbonic acid in situ. Moreover, upon the addition of sodium percarbonate (NaHCO3), 
sodium carboxylate is formed from the percarbonic acid and thus higher concentrations of the 
percarbonic species are reached.[91] Results of the oxybromination of o-cresol are shown in 
Figure 37. 
 
Figure 37 Oxybromination of o-cresol to 6-bromocresol. Conditions: 0.5 mmol o-cresol, 1.5 mmol HBr, 5 mL 
DMC, different amounts of H2O2. In the blank reaction, no H2O2 and no base were added to the reaction 
mixture.  
The oxybromination in DMC with addition of several concentrations of H2O2 in the presence 
of HBr was not observed unless NaHCO3 was added to the reaction. Adding 0.1 equivalent 
NaHCO3 to the reaction, resulted in a conversion of 46.4 % and adding 1 equivalent resulted 
in full conversion to 6-bromocresol. Only upon addition of NaHCO3 peracids, namely 
percarbonic acid, is formed with which the oxybromination can be performed. Apparently, the 
combination of DMC and H2O2 is not able to generate an oxidative intermediate of similar 
strength which would be able to catalyze the oxybromination. 
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In summary, it was shown that different lignin-based products can be prepared in a tunable 
delignification, gaining lignin products with lower degree of dearomatization at higher 
temperatures and higher peroxide loadings. Three different lignin-based products containing 
100 % of aromatics (OrganoCat lignin), 50 % of aromatics and 0 % of aromatics, were 
analyzed. Despite many attempts to clarify the mechanism of delignification, it was not 
possible to identify the reactive species. Both the epoxidation of styrene and oxybromination 
of o-cresol indicate that the combination of DMC and H2O2 cannot form an oxidative 
intermediate of similar strength as is obtained in catalyzed reactions.  
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5 TRANSESTERIFICATION AND PERACID-ASSISTED 
OXIDATIONS IN AQUEOUS MEDIA CATALYZED BY 
MYCOBACTERIUM SMEGMATIS ACYL TRANSFERASE  
5.1 Mycobacterium smegmatis acyl transferase – State of the art 
In the former chapters CAL-B was used to produce peracids in non-aqueous media from an 
ester as acyl donor and H2O2. Typically, hydrolases catalyze reactions like these in organic 
media, and besides this perhydrolysis reaction, a whole array of other synthetic reactions – 
like (trans-)esterification, amidations, epoxidation, C-C bond forming reactions – can be 
performed when using non-aqueous media. In aqueous media, however, water acts as 
nucleophile and only hydrolytic reactions can be conducted.[92] Considering the importance of 
enzymes in general and hydrolases in particular, there is a constant search for new enzymes 
with interesting properties that might be able to catalyze other relevant reactions. As stated in 
the introduction (section 1.5.2), recently, an acyl transferase from Mycobacterium smegmatis 
(MsAcT) was biochemically characterized.[65] This enzyme is able to catalyze acyl transfer 
reactions in bulk aqueous solutions, in which other hydrolases would only be able to perform 
hydrolytic conversions, as the excess of water present in these reactions would hinder any 
synthetic reverse reaction. The reason for this extraordinary feature is that MsAcT forms an 
octamer and by this, an active site morphology is created which limits the access of solvent 
molecules and creates a highly hydrophobic microenvironment. A water-free active site is 
thus created in this way and “non-aqueous” synthetic reactions can occur even in buffer 
solutions. Additionally, MsAcT can catalyze perhydrolysis reactions in aqueous solutions for 
the same reason. In this way, organic peracids can be formed by adding dilute H2O2 to the 
buffer solution. In this case, H2O2 competes successfully with water to act as nucleophile in 
the reaction. The main advantage of performing delignification in aqueous conditions is that 
the saccharides are obtained in the water phase and can be used directly as fermentation broth. 
Till now, MsAcT has been assessed in different oxidative processes by the in situ formation 
of PAA from EtOAc. Several examples have been reported, like the discoloration of dyes, 
decontamination, tooth whitening, bleaching and surface disinfection.[68-70, 93]  
In this part of this PhD thesis, the synthetic potential of MsAcT, as well as its use in oxidation 
reactions will be explored. Although MsAcT has attracted a lot of attention for its practical 
use in synthetic biocatalysis in aqueous media, its synthetic potential has not been explored 
further. The possibility of MsAcT catalyzing (trans)esterification in aqueous solutions might 
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open applications from asymmetric synthesis and/or coupling to multistep reactions in 
aqueous solutions to further opportunities in downstream processing by making products 
more hydrophobic through transesterifications and thereby more easily extractable, or for 
wastewater treatment upon the oxidation of chemicals.  
5.2 Cloning of Mycobacterium smegmatis acyl transferase 
The MsAcT enzyme was obtained by molecular cloning, and this was done in cooperation 
with Dr. Anett Schallmey, Dr. Marcus Schallmey and Dr. Sebastian Hofzumahaus from the 
department of biotechnology of the RWTH Aachen University. In order to obtain the enzyme, 
the gene encoding MsAcT from Mycobacterium smegmatis str. MC2 155 was codon-
optimized and ordered from Life Technologies. The gene was treated with restriction enzymes 
NdeI and BamHI, and subsequently ligated into vector pET28a(+) (Life Technologies) using 
T4 ligase (Figure 38).  
 
Figure 38 Gel of the vector pET28a(+) (slot 2) and the restricted synthetic gene (slot 3). 
After ligation, the vector pET28-MsAcT was obtained and transformed in E. coli BL21 (DE3) 
cells. The bacteria were grown in terrific broth (TB) medium containing kanamycin (50 g L-1) 
at 37 °C till an optical density of 600 nm (OD600) was reached. The expression of the enzyme 
was induced by the addition of isopropyl β-D-1-thiogalactopyranoside (IPTG; 0.1 M). The 
culture was then incubated at 30 °C for 24 h and afterwards, the cells were recovered by 
centrifugation for 20 min at 17,696 g at 4 °C. After resuspending the cells in 50 mM 
potassium phosphate buffer pH 7.4, the cells were lysed using bacterial protein extraction 
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reagent (B-PER). After centrifugation, samples were taken from both the supernatant (soluble 
fraction) and the pellet after resuspension (pellet fraction) to run over a 12 % sodium dodecyl 
sulfate (SDS) gel (Figure 39).   
 
 
 
 
 
 
 
 
 
 
Figure 39 SDS-gel containing PageRulerTM Prestained Protein Ladder in slot 1. Slots 2 and 3 contain the 
samples from the soluble fraction, before (slot 2) and after (slot 3) induction. No expression of MsAcT can be 
seen in these fractions. The samples from the pellet fractions can be seen in slots 4 and 5, before and after 
induction, respectively. As can be seen, a large band is seen in the solid fraction after induction below 25 kDa. 
The band that was found in the pellet fraction after induction with a size slightly smaller than 
25 kDa originates from the overexpressed MsAcT, which has a molecular weight of 23 kDa. 
Although the overexpression of MsAcT as such was successful, the entire amount of 
produced enzyme was obtained in the solid fraction, i.e. in inclusion bodies. To prevent the 
formation of inclusion bodies, the same protocol as described above was repeated, but the 
disruption of cells was done using French press. The cell debris was removed by 
centrifugation for 30 min at 47,808 g at 4 °C. Now, MsAcT was obtained in the soluble 
fraction and the cell-free extract was used for an activity assay. For this purpose, 4-
nitrophenyl butyrate was converted to p-nitrophenol in a MsAcT catalyzed reaction (Scheme 
12). The p-nitrophenol can be detected photometrically at 410 nm. For comparison, also a 
blank reaction and a reaction with an empty vector of pET28a(+) were performed. In this way, 
  1              2             3            4           5  
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a comparison between the background reaction of enzymes from the bacteria and the 
overexpressed enzyme can be obtained.  
 
Scheme 12 Hydrolysis of 4-nitrophenyl butyrate to butyric acid and p-nitrophenol. 
The results of the activity assay are shown in Figure 40. As can be seen, the absorption of the 
blank reaction is very low (0.07). The cell-free extract of the cells containing an empty 
pET28a(+) vector shows low activity, whereas the cell-free extract containing overexpressed 
MsAcT shows high absorption, which means that the hydrolysis reaction of 4-nitrophenyl 
butyrate to p-nitrophenol is completed instantly.  
 
Figure 40 Activity assay of MsAcT. Absorption is shown at t = 0. Blank reaction contains no enzyme at all, 
pET28a(+) is the background reaction of enzymes from E. coli BL 21 (DE3) containing an empty pET28a(+) 
vector and MsAcT is the cell-free extract containing the overexpressed MsAcT.  
Finally, the cell-free extract containing the overexpressed MsAcT was lyophilized overnight 
and the crude enzyme powder was stored at – 14 °C.  
5.3 MsAcT mediated lignin dearomatization 
In first experiments, MsAcT was used in the dearomatization of lignin, comparable to the 
reactions described in the previous chapters. As shown in Scheme 13, in MsAcT catalyzed 
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reactions monomethylperoxycarbonic acid is formed from DMC and H2O2. The peracid treats 
OrganoCat lignin, and dearomatized lignin is obtained in buffer. 
 
Scheme 13 Proposed scheme for dearomatization of OrganoCat lignin by monomethylperoxycarbonic acid in an 
aqueous system, mediated by MsAcT.  
The outcome of the experiments is shown in Figure 41. The degree of dearomatization after 
several reactions were compared to the amount of aromatics in OrganoCat lignin without 
reaction, i.e. no enzyme and no H2O2 present (no reaction in Figure 41), and to a blank 
reaction in which MsAcT was present, but no H2O2 was present.  
 
Figure 41 MsAcT mediated dearomatization of OrganoCat lignin in aqueous solutions. Conditions: 10 g L-1 
OrganoCat lignin, enzyme loading 2.5 mg mL-1, potassium phosphate buffer (50 mM, pH 8, 80 % v/v), DMC 20 
% v/v, stepwise H2O2 additions (6x every 20 min (2 h), 60 min (6 h) or 90 min (9 h) depending on the total 
reaction time), reactions at 40 °C.  
All reactions performed obtained degrees of aromatization comparable to the values obtained 
when no reaction or a blank reaction was done. Although the reaction mixtures are very 
similar to the ones described in former chapters, since DMC, H2O2 and lignin are present, no 
dearomatization was observed. This is not due to the temperature, since dearomatization in 
DMC also proceeds at 40 °C (Figure 16). Since dearomatization of lignin can also take place 
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in mixtures of organic solvents, e.g. ethanol / DMC 4 / 1 v / v, in which the same amount of 
DMC is present as in this dearomatization in aqueous media, the fact that dearomatization 
cannot take place in this case is most likely due to the presence of water. Also the MsAcT 
catalyzed reactions were not successful. Thus, it is not possible to perform enzymatic 
delignifications with DMC in aqueous solutions. 
5.4 MsAcT catalyzed transesterifications 
Despite the above-discussed unsuccessful MsAcT mediated dearomatizations of lignin in 
aqueous systems, the enzyme may have potential for other synthetic reactions in buffer. One 
of these reactions might be (trans)esterifications. So far, the only transesterification performed 
with MsAcT in previous literature was the formation of monoesters of neopentylglycol (NPG) 
in different buffer/EtOAc aqueous solutions of up to 95 % v/v buffer content.[65] To 
characterize the overexpressed MsAcT in biocatalytical terms, the same reaction was assessed 
in a biphasic system with different enzyme loadings (Scheme 14, Figure 42).  
 
Scheme 14 Transesterification of NPG to its mono- and diester.[65, 94] 
 
Figure 42 MsAcT catalyzed transesterification of NPG in a biphasic system of EtOAc/buffer at different enzyme 
loadings. Conditions: potassium phosphate buffer (50 mM, pH 8, 50 % v/v), EtOAc 50 % v/v, NPG 100 mM, 
different enzyme loadings, 30 minute reaction time at room temperature. Conversions were determined by 1H-
NMR spectroscopy.[94]  
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MsAcT was able to catalyze transesterification reactions in a biphasic medium in short 
reaction times of 30 minutes. This is in agreement with literature, where a proof-of-concept of 
synthetic reactions catalyzed by MsAcT was given.[65] However, it is not reported that when 
using higher enzyme loadings, also mixtures of the monoester and diester are formed. In all 
reactions, also an amount of unreacted substrate remained in the reaction mixture, presumably 
because of equilibrium reactions. Nevertheless, these results might be expected, since many 
other hydrolases are capable of performing (trans)esterifications in biphasic media 
efficiently.[95] Therefore, the same transesterification of NPG was studied in monophasic 
systems to assess the new biocatalytic performance that MsAcT might bring and to study the 
enzyme performance in-depth. Now, 95 % v/v of buffer solution was used and 5 % EtOAc v/v 
was added as acyl donor at low enzyme concentrations (0.0025 g L-1). Using these conditions, 
CAL-B did not show any catalytic activity, since the dominating reaction under these 
conditions is hydrolysis. The obtained results when using MsAcT are shown in Figure 43. 
MsAcT was actually able to perform this transesterification in an efficient way. Rapidly, the 
monoester was formed in the beginning of the reaction and at later stages also diester was 
formed in smaller amounts. Finally, an equilibrium between the different species was formed. 
To obtain more information about this equilibrium and about the enzyme performance, the 
same reaction was performed using smaller EtOAc amounts and conversions were measured 
at longer reaction times.  
 
Figure 43 MsAcT catalyzed transesterification of NPG in a monophasic system of EtOAc/buffer. Conditions: 
potassium phosphate buffer (50 mM, pH 8, 95 % v/v), EtOAc 5 % v/v, NPG 100 mM, enzyme loading 0.0025 g L-
1
, room temperature. Conversions were determined by 1H-NMR spectroscopy.[94]  
As can be seen in Figure 44, MsAcT was also able to perform the transesterification, even in 
virtually pure buffer (99.9 % v/v with 0.1 % = 1 eq. EtOAc). Although the reaction was 
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slower at low concentrations of EtOAc, in all cases an equilibrium between substrate – 
monoester – diester was obtained after long reaction times. 
 
Figure 44 MsAcT catalyzed transesterification of NPG with EtOAc at different acyl donor loadings (5 – 0.1 % 
v/v). Conditions: potassium phosphate buffer (50 mM, pH 8, 95 to 99.9 % v/v), EtOAc 5 to 0.1 % v/v, NPG 100 
mM, enzyme loading 0.0025 g L-1, 65 h reaction time at room temperature. Conversions were determined by 1H-
NMR spectroscopy.[94]  
To explore the potential of MsAcT for synthetic biocatalytic applications, also other 
substrates were evaluated in transesterification reactions. Many of the compounds studied 
showed conversions. Compounds like benzylalcohol, 2-butanol and 1-octanol were accepted 
by MsAcT as substrates. For other more sterically hindered compounds like 3-octanol and 1-
phenylethanol traces of the ester were found (Figure 45).  
 
Figure 45 MsAcT catalyzed transesterification of a spectrum of alcohols. Conditions: potassium phosphate 
buffer (50 mM, pH 8, 97.5 % v/v), EtOAc 2.5 % v/v, 100 mM substrate, enzyme loading 0.05 g L-1, reactions 
overnight at room temperature.  
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Overall, these are promising first results that indicate that MsAcT has a broad substrate range 
making the enzyme an interesting biocatalyst performing synthetic reactions in buffer 
solutions.  
Also the pH activity profile of the enzyme was assessed. Ideally, the enzyme is able to work 
in broad pH range, which allows combination of MsAcT with other enzymes or catalysts that 
have other pH requirements. For this assessment, again the benchmark reaction of NPG 
transesterification was used (Scheme 14). Results of this pH test are shown in Figure 46.  
 
Figure 46 MsAcT catalyzed transesterification of NPG with EtOAc at different pH values. The buffers used were 
(50 mM): pyridine buffer, pH 4 and 5; potassium phosphate buffer, pH 6 and 8; Tris buffer, pH 9 and 11. 
Conditions: buffer 95 % v/v, EtOAc 5 % v/v, NPG 100 mM, enzyme loading 0.0025 g L-1, 3 h reaction time at 
room temperature. Conversions were determined by 1H-NMR spectroscopy.[94]  
MsAcT shows synthetic activity in buffer solutions over a wide pH range, with significant 
enzymatic activities still observed at pH 11 and pH 4. Especially the enzyme activity at low 
pH might become relevant; transesterification reactions of biobased carboxylic acids obtained 
by fermentation like succinic acid could be envisaged by this enzyme.  
Stimulated by the promising results obtained so far with transesterification in aqueous 
solutions using different substrates, also the potential enantioselectivity of the enzyme was 
assayed. The transesterification of enantiopure (R)-2-octanol and (S)-2-octanol in buffer 
solution were addressed (Scheme 15). Octanol is not miscible with water and droplets of 
substrate were formed in the aqueous phase. Results are shown in Figure 47. 
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Scheme 15 MsAcT catalyzed transesterification of (R)-2-octanol or (S)-2-octanol with EtOAc in buffer. 
 
Figure 47 MsAcT catalyzed transesterification of (R)-2-octanol or (S)-2-octanol with EtOAc in buffer. 
Conditions: potassium phosphate buffer (50 mM, pH 8, 97.5 % v/v), EtOAc 2.5 % v/v, (R)-2-octanol or (S)-2-
octanol 100 mM, enzyme loading 0.0025 g L-1, room temperature. Conversions were determined by 1H-NMR 
spectroscopy.[94]  
MsAcT showed around eightfold kinetic selectivity for the (S)-enantiomer over the (R)-
enantiomer. This means that asymmetric synthesis using MsAcT in aqueous solutions (97.5 % 
v/v buffer and 2.5 % v/v EtOAc) is possible. Although the (R)-enantiomer is still accepted by 
the enzyme, these results are the first example of an asymmetric synthetic reaction performed 
by enzymes in monophasic aqueous solution.  
Now the transesterification based synthetic potential of MsAcT was studied in more detail, 
the possibilities of using the enzyme for applications in biomass processing were addressed. 
Especially interesting is the use of MsAcT in waste water cleaning. Herein, MsAcT can be 
used to enhance the hydrophobicity of compounds via transesterification in aqueous solution, 
which makes it possible to extract them in a straightforward manner, e.g. from waste water 
using a (biobased) solvent. The first reaction to be assessed was the transesterification of 
HMF (Scheme 16). HMF is produced via triple dehydration of glucose in an acid-catalyzed 
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process and it is considered to be a valuable biomass-derived platform chemical of the 
future.[96] Those HMF esters can be accessed straightforwardly by lipase-catalyzed 
(trans)esterifications in non-aqueous media to deliver new biobased compounds, as shown 
before by our research group.[97] However, HMF is also formed in aqueous media during acid 
catalyzed pretreatments of lignocellulosic biomass when severe reaction conditions are 
applied. The HMF present in the mixture causes growth inhibition of microorganisms if such 
fermentable sugars are used as a carbon source in fermentation. By transesterification in 
aqueous solutions the hydrophobicity of HMF is enhanced and a more straightforward 
recovery of the compound is possible. In this way, the crude sugar effluents are purified from 
the HMF before delivery to fermenters. Results of the transesterification of HMF in aqueous 
solutions are shown in Figure 48. 
 
Scheme 16 MsAcT catalyzed transesterification of HMF with EtOAc in buffer. 
 
Figure 48 MsAcT catalyzed transesterification of HMF with EtOAc (2 % v/v) in buffer (98 % v/v). Conditions: 
potassium phosphate buffer (50 mM, pH 8, 98 % v/v), EtOAc 2 % v/v, HMF 100 mM, enzyme loading 2 g L-1, 
room temperature. Conversions were determined by 1H-NMR spectroscopy.[94] 
MsAcT was able to accept HMF as substrate to yield HMF acetate esters in practically pure 
aqueous conditions (98 % v/v buffer). The reaction equilibrium was reached under these 
conditions at around 20 – 25 % of conversion, which corresponds to 5 g L-1 ester, formed in 
10 – 15 hours. Upon immobilization of MsAcT, these results could be improved further and   
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lead to HMF removal from sugar-containing effluents by conversion to HMF acetate esters 
with higher hydrophobicity.[68, 93a, 97] 
5.5 MsAcT mediated oxidations 
Apart from the concepts described so far MsAcT also has perhydrolase activity and is 
therefore also able to form organic peracids in buffer solutions.[65, 68-70, 93] Therefore, oxidation 
reactions were performed using this perhydrolase activity of MsAcT. First, the epoxidation of 
styrene was assessed. In this reaction MsAcT catalyzes the perhydrolysis of EtOAc to PAA, 
which can perform the actual epoxidation of styrene to styrene oxide. The formed styrene 
oxide can react further to 1-phenyl-1,2-ethanediol (Scheme 17). 
 
Scheme 17 MsAcT mediated epoxidation of styrene, via the formation of PAA from EtOAc. 
Although it was possible to obtain the styrene epoxide with a conversion of 59 %, the epoxide 
is not stable. A second reaction that yields 1-phenyl-1,2,-ethanediol from styrene epoxide is 
prone to occur at longer reaction times, higher enzyme, acyl donor or H2O2 loadings, or at 
lower pH. Nevertheless, MsAcT catalyzes the epoxidation in aqueous conditions and full 
conversion of 1-phenyl-1,2-ethanediol is obtained under mild conditions within 3 h reaction 
time (Figure 49). 
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Figure 49 MsAcT mediated styrene epoxidation to styrene epoxide, and in many cases subsequently to 1-phenyl-
1,2-ethanediol. Conversion was measured instead of isolated yield. Conditions: potassium phosphate buffer (200 
mM, pH 6.5/pH 8), enzyme loading 2.5 g L-1, 0.3 M EtOAc, 0.1 M styrene, H2O2 (0.4 M) was added stepwise (6x) 
every 30 min. 3 h reaction time at 40 °C. 
The cis-hydroxylation of styrene showed that this kind of MsAcT mediated oxidation 
reactions can be successful in monophasic aqueous solutions. Now, the oxidation of furfural 
to furoic acid in aqueous solution was studied. Two different acyl donors were used 
successfully for the formation of the organic peracid, namely EtOAc and DMC (Scheme 18). 
These two substrates have already been reported as substrates for CAL-B mediated oxidations 
in non-aqueous solutions.[89a] Recently, it was shown how peracids perform this reaction 
efficiently by using lipases and non-aqueous solutions.[98] Now, the process was conducted in 
buffer (Figure 50). 
 
Scheme 18 MsAcT catalyzed oxidation of furfural to furoic acid by using EtOAc and H2O2 in buffer.  
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Figure 50 MsAcT catalyzed oxidation of furfural to furoic acid by using EtOAc and H2O2 in buffer. Conversion 
was measured instead of isolated yield. Conditions: potassium phosphate buffer (200 mM, pH 8), acyl donor. 
Various amounts of buffer and acyl donor (EtOAc or DMC) depending on the equivalents added; furfural 100 
mM, enzyme loading 2.5 g L-1, 3 h reaction time at 40 ᵒC. H2O2 (30 % v/v) was added stepwise (6x) every 30 min. 
Conversions were determined by 1H-NMR spectroscopy. a) 15 eq. EtOAc, 8 eq. H2O2; b) 12 eq. EtOAc, 4 eq. 
H2O2; c) 8 eq. EtOAc, 4 eq. H2O2; d) 8 eq. DMC, 8 eq. H2O2.[94] 
Summarizing, MsAcT mediated dearomatization of lignin in aqueous systems was not 
successful. However, transesterification reactions were catalyzed efficiently in monophasic 
aqueous media, consisting out of up to 99.9 % of aqueous buffer. The reactions were 
catalyzed over a large pH range and several substrates were converted successful by MsAcT. 
Moreover, the enzyme was used in mediating the oxidation of styrene and furfural under these 
reaction conditions, which opens new options for wastewater treatment, oxidation and/or the 
removal of furans from aqueous environments before fermentative strategies are applied. 
After the suitable reaction conditions and amounts of EtOAc and H2O2 were found, almost 
full conversion of furfural was obtained to form furoic acid in high purities. To achieve this, 
excess of both EtOAc and H2O2 was needed. A reason for this could be the presence of 
catalases in the crude enzyme extract that was used, which would decompose part of the 
added H2O2.  
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6 SUMMARY AND FUTURE PERSPECTIVE 
In this PhD thesis, novel oxidative pretreatment of biomass and valorization of biomass-
derived products were investigated. Aspects like the use of biogenic catalysts, delivery of 
novel biomass-derived products, or set-up of water-free approaches to cope with large use of 
water in biorefineries, have been considered. 
First, the use of an oxidative strategy for pretreatment of lignocellulosic biomass was studied 
in non-aqueous media. To do so, the oxidizing agent, in this case a peracid, was produced 
enzymatically upon addition of diluted H2O2 in vivo by the lipase CAL-B. Upon treatment of 
lignocellulosic biomass by this method, the formation of non-aromatic lignin oil was 
observed. This derivative might have interesting properties as additive or new biorenewable 
material as well as for its potential subsequent derivatizations to other useful commodity 
compounds. Besides the lignin oil, the provision of a highly delignified polysaccharide 
fraction, accessible to cellulases, may open options for the generation of fermentable sugars 
for parallel biosynthetic approaches. 
Afterwards, the formation of this non-aromatic lignin oil was studied in more detail. For this 
purpose, OrganoCat lignin was used, which can be dissolved in dimethyl carbonate (DMC). It 
was found that the dearomatization of OrganoCat lignin could not only be performed by 
means of enzymes, but can be conducted in a catalyst-free reaction almost equally efficiently. 
By adding various amounts of H2O2, the final degree of dearomatization can be determined. 
In this way, different lignin-based products with various degrees of dearomatization can be 
prepared and dependent on its dearomatization, appear more like a solid, or more like an oil. 
Three different lignin-based products were prepared, namely the starting material OrganoCat 
lignin, a lignin-based product containing 50 % of aromatics and a lignin-based product 
containing 0 % of aromatics. The three products were analyzed to study the oxidative 
dearomatization in more detail. FT-IR studies confirm the data that were obtained by 1H-
NMR so far, namely in the OrganoCat lignin many aromatic stretches can be found, which 
disappear in the more dearomatized lignin-based products. Instead, carbonylic groups like 
ketones, aldehydes and acids are formed. Elementary analysis shows the same pattern, since 
with increasing degrees of dearomatization, the relative amount of carbon atoms decreases 
and the relative amount of oxygen atom increases, which means that an oxidation reaction 
took place. Regarding the size of the lignin fragments, ESI-MS studies show that upon the 
dearomatization also a fractionation of the lignin is obtained, with a similar fractionation 
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pattern for the products containing 50 % of aromatics and 0 % of aromatics. In the data 
obtained by HSQC NMR, all usual lignin bonds, like ß-O-4, ß-5’ and ß-ß linkages can be 
detected in the OrganoCat lignin. Also the aromatic signals belonging to the guaiacyl and 
syringyl units are found in the HSQC NMR spectrum of OrganoCat lignin. However, already 
in the HSQC NMR spectrum from the lignin-based product with 50 % of aromatics, none of 
these signals can be found. The fact that the linkages between the aromatic units of lignin 
disappeared already in the lignin with 50 % of aromatics, corresponds to the fact that this 
lignin has a similar fractionation pattern as the lignin-based product with 0 % of aromatics. It 
suggests that the lignin is fractionated first, and afterwards dearomatization of the aromatic 
units occurs by further oxidative reactions. Several attempts to clarify the mechanism of 
action of the oxidative reactions were performed and the reactive species remained 
unidentified.  
In the last part of this PhD thesis, the novel acyl transferase from Mycobacterium smegmatis 
(MsAcT) was cloned, and its scope in transesterification and oxidation reactions of biomass-
derived compounds was explored. As the enzyme has an octameric structure with a highly 
buried hydrophobic active site, it favors (trans)esterification over hydrolysis in aqueous 
media. First, MsAcT dearomatization of OrganoCat lignin in aqueous systems was studied. 
Unfortunately, no dearomatization was observed. Transesterification using MsAcT was more 
successful and it was shown that transesterification of the polyol NPG could be obtained in up 
to 99.9 % of buffer, i.e. adding only one equivalent of the acyl donor. Also transesterification 
of other alcohols were successful and a first example of a MsAcT catalyzed asymmetric 
transesterification in monophasic aqueous solution was shown. Moreover, also a peracid-
mediated oxidation reaction of furfural was performed.  
As future options, from this PhD thesis it clearly appears that it is possible to create different 
lignin-based materials with the desired degree of dearomatization, what might create new 
possibilities for the development of new applications and added value of the lignin stream in 
future biorefineries. Also the properties of these materials need to be studied before they 
might find application in industry. In this respect, despite many efforts, the mechanism of the 
oxidative lignin dearomatization remains unknown. For future applications it might be 
important to know what reactive species are involved in the dearomatization and via which 
mechanism the reaction proceeds. Until this question has been answered, these type of 
reactions in which also peroxides are used should always be handled with caution.  
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7 EXPERIMENTAL 
Chemicals: all chemicals, including the Glucose (HK) Assay Kit were purchased from Sigma-
Aldrich and were used without further purification or modification. All solvents were 
purchased from commercial suppliers and used without further purification. CAL-B was 
kindly donated by c-Lecta GmbH and Accellerase-1500 was kindly donated by Genencor 
International Corporation (The Netherlands). Restriction enzymes and T4 ligase were 
obtained from New England Biolabs.  
7.1 Methods - Chapter 1 
7.1.1 Establishment of the process conditions 
Beech wood (0.025 – 0.1 g) was suspended in either EtOAc or DMC, CAL-B (50 mg) was 
added, and the reaction was stirred at either 50 °C (for EtOAc as solvent) or 80 °C (for DMC 
as solvent) for the duration that is indicated. Additions of H2O2 (various amounts, indicated in 
the text, commercially available diluted form, 30 % v/v) were added stepwise. After the 
indicated reaction time, the reaction mixtures were filtrated and the solvent was evaporated 
under reduced pressure to yield the lignin oil. Subsequently, the pulp was used for the 
cellulase test (described in detail below).  
7.1.2 Lipase-mediated oxidation  
Beech wood (0.1 g) was suspended in DMC (30 mL), CAL-B was added, and the reaction 
was stirred at 80 °C for the duration of the experiment. Additions of H2O2 (3.1 mmol), were 
added stepwise each hour for up to 6 h. After 6 – 12 h, the reaction mixtures were filtered and 
the solvent was evaporated under reduced pressure to yield the lignin oil. 
7.1.3 Cellulase test  
Pulp obtained was resuspended in citric buffer (0.1 M) at pH 4.35 and a concentration of 20 g 
L-1. 1 vol % of accellerase was added, and the reaction mixture was stirred at 50 °C during the 
experiment. 50 µL samples were withdrawn over time for analysis. For the glucose kit, 
samples taken in the cellulase test were diluted 20 times to a final volume of 1,000 µL. Of 
these diluted samples, 50 µL was taken and 200 µL of Glucose Assay Reagent was added and 
analyzed with UV at a wavelength of 340 nm, as reported elsewhere.[87, 99] 
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7.1.4 Synthetic lignin preparation 
DHP was produced according to the Zutropf method.[78] Two solutions were prepared: in 
solution A coniferyl alcohol (0.25 – 1.00 mM) and HRP (3 mg) were dissolved in water. For 
solution B, a phosphate buffer (60 mL; 50 mM, pH 6.5) containing 0.019 % H2O2 was used. 
Both solutions were gradually added together to a phosphate buffer (15 mL; 50 mM, pH 6.5) 
over 2 h at room temperature and stirred overnight. The resulting precipitate was centrifuged 
(6,000 rpm, 30 min), washed with distilled water, and dried under vacuum to afford the DHP 
(synthetic lignin). 
7.2 Methods - Chapter 2 
7.2.1 Preparation of OrganoCat lignin 
OrganoCat lignin was obtained by treatment of beech wood with a mixture of 0.1 M oxalic 
acid and MTHF (1/1, v/v). 2 g beech wood were suspended in 20 mL of 0.1 M oxalic acid and 
20 mL MTHF and stirred for 3 h at 140 °C (± 5 °C) in a glass-made high pressure reactor. 
The organic phase was separated and the solvent was removed under reduced pressure to 
obtain the lignin. Lignin from reed and mate were obtained in the same manner by using 2 g 
reed or mate respectively. If not specified, the term OrganoCat lignin is used for lignin 
obtained from beech wood. 
7.2.2 Catalyst-free dearomatization of lignin 
10 g L-1 OrganoCat lignin was dissolved in DMC and the reaction was shaken (up to 5 mL) in 
a Thermomixer comfort from Eppendorf (15 mL) or stirred at 80 °C. H2O2 was added to start 
the reaction. During the reaction, samples (typically 100 – 200 µL) were taken, and dried at 
100 – 110 °C. Samples were analyzed by 1H-NMR.  
7.2.3 Epoxidation of styrene and cyclohexene  
100 mM alkene was dissolved in 5 mL DMC, and either 100 mg CAL-B or no catalyst was 
added. H2O2 (from 30 % v/v H2O2) was added in six additions and afterwards the reaction was 
shaken at 80 °C overnight. 
7.3 Methods - Chapter 3 
7.3.1 Cloning and overexpression of MsAcT 
A codon-optimized synthetic gene that encoded MsAcT (GenBank accession: ABK70783) 
from Mycobacterium smegmatis str. MC2 155 was ordered from Life Technologies. The gene 
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was cloned into vector pET28a(+) (Life Technologies) by using restriction enzymes NdeI and 
BamHI and T4 ligase for ligation. The resulting vector pET28-MsAcT was grown at 37 °C in 
TB medium that contained kanamycin (50 mg mL-1) at an optical density at 600 nm (OD600) 
of 1. The expression of MsAcT was induced by the addition of isopropyl β-D-1-
thiogalactopyranoside (IPTG; 0.1 M), and the culture was further incubated for 24 h at 30 °C. 
The cells were recovered by centrifugation for 20 min at 17,696 g at 4 °C. The cells were 
resuspended in 50 mM potassium phosphate buffer pH 7.4 and disrupted in an EmulsiFlex-C3 
French press (Avistin Europe GmbH) with five cycles at 1,500 bar at 4 °C. The cell debris 
was removed by centrifugation for 30 min at 47,808 g at 4 °C. The resulting cell-free extract 
was lyophilized overnight, and the crude enzyme powder stored at 4 °C.  
7.3.2 MsAcT catalyzed transesterification 
Alcohol (2 mmol) was added to different mixtures of potassium phosphate buffer (50 mM, pH 
8) and EtOAc (20 mL). After the addition of the enzyme, the reaction mixtures were stirred at 
room temperature. The product was obtained by extraction with EtOAc (3x 10 mL) and 
evaporation of the solvent under reduced pressure. The conversion of the reaction was 
assessed by 1H-NMR spectroscopy.  
7.3.3 MsAcT mediated furfural oxidation 
Furfural (1 mmol) was added to a solution of enzyme (2.5 g L-1) in different mixtures of 
potassium phosphate buffer (200 mM, pH 8) and acyl donor (EtOAc or DMC; 10 mL). The 
reactions were started by the stepwise addition (every 30 min) of H2O2 (from 30 % v/v H2O2) 
until final equivalents (according to Figure 50). After stirring at room temperature for 3 h, the 
products were extracted with EtOAc (3x 10 mL), and the solvent was evaporated under 
reduced pressure. The conversion of the reactions was determined by 1H-NMR spectroscopy. 
7.4 Analytical Procedure 
7.4.1 NMR 
NMR spectra were recorded on a Bruker DPX 300 or Bruker DPX 400, using d6-DMSO or 
CDCl3 as solvent.  
To determine the relative aromatic integral after dearomatization reactions, the spectra were 
recorded using d6-DMSO as solvent and chloroform (not deuterated) in d6-DMSO (10 µL / 
mL) as internal standard. The aromatic integral from 7.6 – 6.0 ppm was determined relative to 
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the standard chloroform peak (8.3 ppm). The relative aromatic integral of the reaction product 
was then used to calculate the relative aromatic integral, using a reference sample of starting 
material, OrganoCat lignin.  
 
2D 1H-13C HSQC NMR spectra were recorded on a Bruker 600 AV. 100 mg of the lignin was 
solved in 0.7 mL d6-DMSO / d5-pyridine (4/1, v/v). 
7.4.2 FT-IR 
FT-IR spectra were recorded on a Bruker ALPHA in ATR mode on the solid lignin-based 
products.   
7.4.3 ESI-MS  
MS were measured by using a Varian model 500-MS. The spectra were recorded with 
electrospray ionization through direct injection, using 80 V in a positive modus. 
7.4.4 GC  
CAL-B mediated and catalyst-free styrene epoxydation 
GC samples were prepared by mixing 0.5 mL of the reaction mixture with 0.5 mL of acetone 
(reagent grade). 15.6 mg n-decane was added as internal standard. Column: 50m Rtx-1 Pma-
1; temperature program: 50 – 250 °C with 8 °C/min, 5 iso; Gas: He, 1.5 mL/min constant 
flow.  
MsAcT catalyzed transesterification 
GC samples were prepared by dissolving a sample of 10 – 15 mg in ethyl acetate. Ethyl 
heptanoate was added as internal standard (9.3 mg for benzyl alcohol, 10.7 mg for 3-octanol 
and 8.6 mg for 2-butanol, 1-octanol and 1-phenylethanol). Column: 60m CP-Wax-52-CB; 
temperature program: 50 – 250 °C with 8 °C / min, 5 iso; Gas: He, 2.5 mL / min constant 
flow. 
The conversion mass m (X) of the substance was in all cases determined by following 
equations: 
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in which m (X) is the mass of the substance, A (x) the peak area of the substance, m (standard) 
the mass of the standard, A (standard) the peak area of the standard and f is the correction 
factor determined by calibration.  
With the mass of the substance known, the conversion Xi can be determined using: 
 
with n being the amount of either product or substrate present in mols.  
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